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1. Metagenomics: a key to the unexplored biodiversity 
 
“The abundance and diversity of life on Earth has come not from fossil horses or club mosses 
but from the flourishing of the oldest, most omnipresent life forms, the bacteria. For all 
intents and purposes the bacteria invented everything of importance: growth, metabolism 
and reproduction, swimming and chemical sensitivities, oxygen respiration and desiccation-
resistant propagules. Some perfected predatory behavior and the kill. They are masters of 
efficiency and recycling of waste. They cover the mountaintops, the prairie, and the plains 
with their offspring. They swim with no thought of sleep. They fashion fuels like methane and 
ethanol from far less energetic forms of carbon such as CO2. The prodigious bacteria have 
created sexual communication and gender, genetic recombination, and consortial living. 
Some thrive exposed to ferocious winds and blinding sunlight on open cliffs, others burrow 
into hard limestone rock and photosynthesise right through their chalky covers. As metal 
workers, bacteria have no peers: some precipitate gold and others mine iron; some 
manufacture metallic sheen of manganese and others work copper or etch glass.” 
Lynn Margulis 
 
From: Microbial diversity. Form and Function in Prokaryotes. Edited by Oladele Ogunseitan, 
Blackwell Science Ltd. 2005.  
 
 
1.1 The microbial biodiversity 
 
The microbial world is immense, in both the physical and scientific senses [1]. 
Microorganisms include archea, bacteria, protozoans, and certain algae and fungi. The total 
number of microbial cells in the Earth’s biosphere has been estimated to be 4-6 x 1030 [1-3]. 
Prokaryotic microorganisms – archea and bacteria – not only represent the largest 
proportion of individual organisms, comprising 106 to 108 separate genospecies, i.e. distinct 
taxonomic groups [2, 3], but they also make up most of the Earth’s biomass [1]. Being the 
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oldest form of life (they live on this planet since more than three billions of years), 
prokaryotes have evolved and accumulated remarkable physiological and functional 
heterogeneity, thereby constituting the world’s major reserve of genetic diversity. This 
unparalleled biodiversity arises primarily because of the wide variety of microbial 
ecosystems which are inhabited by bacteria and archea. Soil is traditionally considered the 
habitat that harbours the largest microbial diversity, a “hidden treasure” which could be a 
great source of natural products for several agricultural and biotechnological applications, 
with 4 x 107 and 2 x 109 prokaryotic cells contained in one gram of forest and cultivated soils, 
respectively [4, 5]. Based on the reassociation kinetics of DNA isolated from various soil 
samples, the number of distinct prokaryotic genomes has been estimated to range from 
2000 to 18000 genomes per gram of soil. This number might be even an underestimate, 
since genomes representing rare and unrecovered species might have been excluded from 
these analyses [4]. Also marine environment contains an enormous pool of as yet largely 
underexploited microbial biodiversity: bacteria can achieve densities of up to 106 per 
millilitre of seawater [6]. Microorganisms are present not only in nutrient-rich environments 
as soils, lakes, oceans or inside other organisms, but also in the less-hospital habitats on 
Earth, such as hot springs, nearly saturated salt brines, acid mine waters at pHs near zero, 
ocean tranches with depth of up to 11000 m and pressures exceeding 100 MPa, deep-sea 
hydrothermal vents with temperatures as high as approximately 400 °C, as well as deep in 
Antarctic ice and kilometres below the Earth’s surface [6].  
Human life and activities depend on microorganisms, as they play fundamental roles in 
biogeochemical cycles for converting the key elements of life – carbon, nitrogen, oxygen and 
sulphur – into forms accessible to all other living things. Even more interestingly, the 
majority of the photosynthetic capacity of the planet does not depend on plants but on 
microbes. Microbial communities are closely associated with plants and animals making 
necessary nutrients, metals and vitamins available for the hosts. For humans, the billions of 
gut microbes assist us to digest food, break down toxins, and fight off pathogens. Humanity 
depends on microbes not only for nutritional and health reasons but also for cleaning up 
pollutants in the environment, such as oil and chemical spills, activities usually carried out 
not by individual microbes but by complex microbial communities [7]. Moreover, human 
civilisation has greatly improved by the development of numerous technologies that have 
their source in microbes, and microbial derived enzymes find applications in all major 
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industrial sectors. For instance, bacteria are used to synthesise a vast array of antibiotics, 
antitumor agents and immunosuppressants for clinical use, to produce biofuels, to enhance 
and protect agricultural crops directly or by production of biopesticides and antiparasite 
agents, and they are even used as markers for detection of diseases. Microbial enzymes find 
application in detergent production as well as for food and feed processing; but also pulp, 
paper, textile and leather sectors are fast growing market for the microbial derived 
compounds [7]. 
 
1.1.1 The Great Plate Count Anomaly 
 
The microbial world is enormous also from the perspective of the current limitations of 
human knowledge. In 1898 a microbiologist, Heinrich Winterberg, for the first time 
described the discrepancy in the number of microorganisms between culturable bacteria on 
nutrient media and the total bacteria in nature counted by microscopy. Since then, microbial 
unculturability, the so-called “great plate count anomaly”, has long been recognised in 
microbiology [8]. Unculturable microorganisms can be found in nearly every group within 
the bacteria and archea, and it has been estimated that only 0.1 to 1% of the prokaryotes 
are culturable by traditional cultivation and isolation methods and therefore accessible for 
biotechnology or basic research [4, 5, 8, 9]. There are several reasons for microbial 
unculturability under laboratory conditions: for instance, extremely high substrate 
concentrations, the lack of specific nutrients required for growth or in general the inability to 
recreate in vitro the complex ecological niche in which the microorganism lives. Some 
authors suggested that “unculturable” bacteria should be more specifically called “not-yet-
culturable”, as the ongoing development of techniques for isolation and culturing could in 
the future allow the successful cultivation of recalcitrant microbes, which may simply be in a 
physiological state that eludes our actual ability to culture them [5, 10]. Improved culture 
conditions include the use of nutrient-limited media as well as long incubation periods 
compatible with slow-growing bacteria. These culture conditions can be combined with high-
throughput technologies such as microchip-based culturing or single-cell encapsulation and 
fluorescence-activated cell sorting (FACS); this method physically separates microorganisms 
in agar microdroplets, though maintaining molecular exchanges between the cells and their 
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environment, and facilitates the detection of previously uncultured microorganisms. 
Nevertheless, even when applying these methods, the ratio of uncultivated to cultivated 
bacteria remains high [5, 11].  
To overcome the difficulties and limitations associated with cultivation approaches, several 
culture-independent methods have been developed, including phospholipid fatty acid 
analysis (PLFA) and numerous DNA- and RNA-based molecular approaches [5]. PCR methods 
based on the analysis of the “molecular clock” 16S rRNA gene (18S rRNA for eukaryotes), for 
example, provide extensive and valuable information about the taxa and species present in 
an environment. However, these data usually do not cover the complexity of prokaryotic 
diversity and provide only little if any information about the functional role of the different 
microbes within the community and the genetic information they contain. The 16S gene 
itself, in fact, accounts for approximately 0.05% of the average prokaryotic genome and 
cannot be used to get information about the physiology of the microorganism from which it 
was obtained [9, 12]. 
Therefore, alternative technologies, the so-called Meta-omics (metagenomics and the more 
recent metatranscriptomics, metaproteomics and metabolomics), have lately gained more 
and more success. These innovative methods utilise genomic, proteomic, metabolomic and 
trascriptomic toolsets to transcend cultivation limitation by studying the collective material 
of organisms from environmental samples. Hence, meta-omic technologies can enable the 
identification of novel natural products, new enzymatic activities and metabolic pathways as 
well as a better understanding of relationships between microorganisms [13].  
 
 
1.2 Metagenomics 
 
The term “Metagenomics” was first coined by Handelsman and co-workers in 1998 and 
could be defined as the analysis of the genetic complement of an entire habitat by direct 
extraction and subsequent cloning of DNA from an assemblage of microorganisms [14].  
In the next subsection, the passages required for the construction and screening of 
metagenomic libraries are described along with their applications and future developments. 
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1.2.1 Metagenomic library construction 
 
Metagenomic libraries have already been constructed from a broad range of environments 
to access the genetic potential of the microbial communities. These studies have included 
temperate soils, sediments, freshwaters, marine environments and the gut of animals and 
humans. Recently, also extreme environments such as the Arctic, glacial ice and soils, acidic 
and hypersaline environments, as well as solfataric hot springs and hyperthermal ponds 
have been addressed by metagenomics-based studies [2, 8]. 
 
Sample collection and DNA extraction 
The first step in the construction of a metagenomic library is the extraction of the 
environmental DNA (eDNA) from the selected sample (Figure 1). Three major problems need 
to be taken into consideration: the DNA should be extracted from as broad a range of 
microorganisms as possible to be representative of the original microbial population; DNA 
shearing has to be avoided during the extraction procedure since high molecular weight DNA 
is required for suitable community analysis; thirdly, the DNA must be free from 
contaminating substances which interfere with downstream processing [15]. In other terms, 
the metagenomic DNA needs to be of sufficient quality with regard to purity, integrity, 
representativeness and length of the fragments, in order to be suitable for cloning into a 
relevant vector [8, 10]. For example, when the metagenomic library is constructed from a 
water environment, up to more than 1000 litres should be collected to obtain a number of 
cells sufficient to generate enough nucleic acids for downstream applications. On the 
contrary, the major problem encountered with soil metagenomic libraries is the co-
extraction of humic and fulvic acids during DNA isolation, which must be removed before 
DNA could be further processed [11, 15]. 
Irrespective of the nature of the sample, DNA extraction can be achieved by two general 
strategies. The first one, which is the most commonly used and the fastest, is direct DNA 
extraction and consists of cell lysis directly within the sample matrix, followed by separation 
of the DNA from the matrix and cell debris. With the second strategy, indirect DNA 
extraction, cells are first removed from the matrix and subsequently lysed. Methods for cell 
lysis include chemical or enzymatic lysis and mechanical disruption (thermal shock, bead-mill 
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homogenisation, bead-beating, microwave heating, ultrasonication) [4, 16, 17]. Normally, 
10-100-fold more DNA is obtained using direct lysis and extraction methods, in spite of a 
lower purity. Indirect extraction can be helpful when eukarya need to be excluded (bacterial 
and archeal cells could be separated from eukarya by using a density gradient) or when high 
DNA fragments are demanded [4, 11, 15]. It should be kept in mind that, since each DNA 
extraction method exhibits its own specific biases, a different picture of the microbial 
community can be obtained according to the used DNA extraction protocol [11]. 
 
 
Figure 1. Construction and analysis of metagenomics libraries (modified from Schloss et al., 2003 
[18]).  
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Enrichment strategies 
A way to improve the quality of the environmental DNA and to enhance the screening hit 
rate, is the ecological enhancement, also called habitat biasing or targeted metagenomics. 
The microbial community is manipulated generally prior to the extraction of the 
metagenomic DNA in order to increase in situ the prevalence of target functions [3, 4, 8, 18].  
Several methods have been developed for this purpose; the mostly used are the following:  
- Microbial communities could be exposed to physical-, chemical- or nutritional-pressure 
to select microorganisms with the desired phenotypes. For example, using DNA isolated 
from enriched cultures grown on cellulose or chitin as their major carbon source 
increases from three- to four-fold the isolation of respectively cellulases and chitinases, 
compared with the isolates from libraries made directly from total eDNA [18]. 
- The prokaryotic community members can be separated by size-selective filtration from 
eukaryotic cells to produce relatively pure microbial DNA. Similarly, this approach is 
useful to separate multicellular consortia from individual cells [17, 18].  
- Extracted DNA can be subjected to ultracentrifugation to enrich for high G+C content 
DNA, thus increasing the representation of certain genomes of particular interest (e.g. 
Actinomycetes and Acidobacteria) in the library [17, 18]. 
- Two methods for the selection of metabolically active organisms are 5-bromo-3-
deoxyuridine (BrdU) labelling and stable-isotope probing (SIP), respectively based on 
providing BrdU- and 13C-, 15N-, 18O- or 2H-labelled substrates to bacteria. Only 
metabolically active bacteria will incorporate the labelled nucleotides into their DNA, 
which could be then isolated by immunocapture or density gradient centrifugation, thus 
excluding nucleic acid material from inactive or dead members of the microbial 
community [10, 17-19].  
 
Library construction 
After DNA extraction, the subsequent step for metagenomic library construction is DNA 
fragmentation by restriction enzyme digestion or mechanical shearing, followed by cloning 
into an appropriate host-vector system (Figure 1). Libraries can be classified into two groups 
with respect to average insert size: small-insert libraries in plasmid vectors (less than 15 kb) 
and large-insert libraries in cosmids (15-40 kb), fosmids (25-45 kb) or bacterial artificial 
chromosomes (BAC, more than 100 kb). The choice of the vector system depends on the 
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quality of the isolated DNA, the desired average insert size of the library, the required vector 
copy number, the host and the screening strategy that will be used. Small-insert libraries are 
useful for the isolation of single genes or small operons; large-insert libraries are more 
appropriate to recover complex pathways encoded by large gene clusters or large DNA 
fragments for the characterisation of genomes of uncultured soil microorganisms [4]. It has 
been estimated, for example, that more than 107 plasmid clones (5 kb inserts) or 106 BAC 
clones (100 kb inserts) are required to represent the genomes of all the different prokaryotic 
species present in one gram of soil. If the goal is to achieve substantial representation of the 
genomes of rare members of the soil community, the library should contain 10000 Gb of 
DNA (1011 BAC clones) [4].  
In most metagenomic studies performed thus far, Escherichia coli has been used as the 
cloning host. Because of its status as the most well-known model host, in fact, there is ample 
knowledge about different useful gene expression strategies and an extended genetic toolkit 
is available for this microorganism. However, significant differences in the levels of 
expression can occur depending on the taxonomic groups present within the metagenomic 
DNA sample, a problem that needs to be considered especially when a functional screening 
(see “Library screening” below) is planned. It has been estimated that only about 30-40% of 
bacterial genes could be efficiently expressed in E. coli, a value dropping to 7% for high G+C 
DNA, indicating that E. coli is at best a suboptimal host for the heterologous expression of 
genes from many non-enteric bacteria. This might be due to a plethora of factors, such as 
codon usage differences, improper promoter recognition, lack of proper initiation factors, 
different preference for start codons, ribosomal entry, improper protein folding, absence of 
essential co-factors, accelerated enzymatic breakdown of the gene product, inclusion bodies 
formation, toxicity of the gene product, lack of essential post-translational processing and/or 
transport functions, or the inability of the host to secrete the gene expression product [8, 10, 
20]. One way to enhance the possibility of a successful expression of genes may be to 
engineer E. coli expression machinery on the basis of the expected prevalence of genes from 
source hosts; for example, altering the host’s transcription and translation systems for 
increasing the recognition of foreign ribosome binding sites (RBS) predicted to be prevalent 
in the metagenome, or co-expressing the proteins with a chaperone to promote protein 
folding [8]. An alternative is the development of other prokaryotic non-E. coli hosts. These 
include soil bacteria belonging to the genera Agrobacterium, Caulobacter, Ralstonia, 
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Sphingomonas, Burkholderia, Bacillus, Acidobacterium and Verrucomicrobium. Other 
alternative hosts, such as Rhizobium, Pseudomonas spp. and mutants of Lysobacter 
enzymogenes and Pseudomonas fluorescens have also been used [6, 8, 10]. Even few archeal 
genera (Methanococcus, Pyrococcus, Sulfolobus and Thermococcus) have been employed as 
alternative expression systems [2]. Factors to be considered in the choice of a suitable 
expression host include simplicity in handling, favourable growth, availability of genetic 
tools, and appropriate cellular machinery for protein and metabolite production and 
activities. Among the different proposed hosts, Streptomyces spp. appear to be one of the 
most promising for metagenome libraries construction, also because of the well-developed 
methods of genetic transfer from E. coli to Streptomyces. S. lividans proved to be a 
particularly useful host for functional screening of soil metagenomic libraries for novel 
polyketide synthase genes, as well as for the detection of a range of other novel metabolites 
[20]. 
In addition to single-host expression, also multi-host expression strategies could be 
exploited. This is due to the idea that a substantial part of the transformed genes cannot be 
successfully expressed in a single organism and that the use of multiple hosts either 
sequentially or in parallel offers great advantages. The employment of multiple hosts 
diversifies the available expression machinery and helps to overcome the effect of gene 
product toxicity and enzymatic breakdown, thus enhancing the chance of identifying 
bioactive molecules by matching eDNA-derived clusters with native host biochemistries [8]. 
To express genes from metagenomes in multiple hosts, shuttle vectors with broad-host-
range are of use. A nice example of a metagenomic study in which broad-host-range vectors 
were employed was provided by Craig et al., 2010: metagenomic libraries derived from soil 
were constructed in a IncP1-α broad-host-range cosmid vector using six selected 
proteobacterial host strains, i.e. Agrobacterium tumefaciens, Burkholderia graminis, 
Caulobacter vibrioides, E. coli, Pseudomonas putida and Ralstonia metallidurans. 
Remarkably, a high diversity of expression profiles between the different hosts was found, 
with little overlap [21].  
 
Library screening 
Screens of metagenomic libraries could be based either on metabolic activity (function-
based or activity-based approach) or on nucleotide sequence (sequence-based or molecular 
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approach). The first one depends on the successful expression of target gene(s) in the 
metagenomic host; instead, molecular screening is based on the detection via hybridisation 
or PCR approaches of conserved DNA regions [10, 22]. 
Three major function-driven approaches have been used to recover novel biomolecules: (i) 
phenotypical detection, (ii) heterologous complementation, and (iii) induced gene 
expression [2, 8]. Phenotypical detection is the most commonly employed approach and, as 
the name itself suggests, is based on the identification of specific phenotypic traits 
associated with the activity of interest. These include particular colony pigmentation and 
morphology, degradation- and inhibition-halo formation, or the reaction of an added 
substance (like a chromophore or a chemical dye) with the expressed gene product. 
Heterologous complementation relies on selection of clones that have acquired capability to 
grow under selective conditions, as in the presence of antibiotics. Substrate-induced gene 
expression screening (SIGEX) was first introduced in 2005 by Uchiyama and co-workers [23] 
and is based on the use of an operon-trap GFP (green fluorescent protein) expression vector, 
where the metagenomic DNA is cloned upstream of the gfp gene. Positive clones, co-
expressing the GFP upon substrate-induced expression, could be isolated by fluorescence-
assisted cell sorting (FACS). Similarly, the metabolite-regulated expression system (METREX) 
aims at detecting biologically active small molecules by an intracellular biosensor system 
composed of the gfp gene under the control of a quorum-sensing promoter. When a 
threshold concentration of the signal molecule encoded by the metagenomic DNA fragment 
is exceeded, GFP is produced and positive clones are identified by fluorescence microscopy. 
With PIGEX (production-induced gene expression), enzymatic activities are similarly detected 
by the expression of gfp, which in this case is triggered by product formation. As sequence 
information is not required, functional-based methods are the only strategy with the 
potential to identify new classes of genes encoding either known or new functions. Another 
advantage is the possibility to recover full-length genes and therefore functional gene 
products. However, the major drawback of this approach is its dependence on the eDNA 
expression in a foreign host, which, as stated previously, is not always feasible. Many genes 
are low, if not entirely expressed or the translated gene products are inactive in the host 
strain, thus limiting the detection frequencies of such approach. This limitation is particularly 
relevant when the expression of an entire biosynthetic gene cluster, which requires the 
coordinated production of multiple proteins, is needed [22]. Nevertheless, function-based 
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approaches have uncovered a wide range of biocatalysts, like genes coding for degradative 
enzymes, as well as antibiotic resistance mechanisms and even new antibiotics [4]. 
On the other hand, sequence-based approaches have the advantage of being expression-
independent. However, being based on the identification of conserved nucleotide 
sequences, with this type of screening it is possible to identify only members of already 
known gene families. Additionally, the detection of sequences of interest does not 
guarantee a functional and efficient expression of the target gene. Molecular screening is 
generally achieved by PCR techniques or by hybridisation studies with primers and probes 
specific for conserved regions of the genes being targeted, which for enzymes are usually the 
catalytic domains [6]. This approach has been used to identify phylogenetic anchors such as 
16S rRNA genes and genes encoding enzymes with highly conserved domains, like polyketide 
synthases, glucuronic acid reductase and nitrile hydratases [4]. 
Another approach for the analysis and profiling of metagenomic libraries is the use of high-
throughput microarrays, which represent an effective method for rapidly screen large 
numbers of clones [4, 9, 19]. However, microarray technology shows a 100 to 10000-fold 
lower sensitivity than PCR for gene detection and thus this difference might prevent the 
analysis of sequences from low-abundance microorganisms [4, 5]. Moreover, the recent 
development of sequencing technologies, like the next-generation sequencing (NGS), made 
it possible to sequence entire metagenomic libraries with relatively-low costs. The thereby 
collected sequence information can be used to recover full-length genes and to gain 
comprehensive insights into the flanking regions of the target genes. One important 
consequence of the large-scale metagenome sequencing projects is the development of new 
open infrastructures for data storage and analysis, as CAMERA (community cyber 
infrastructure for advanced microbial ecology research & analysis), MG-RAST (metagenomic 
rapid annotation using subsystem technology) and IMG/M (integrated microbial genomes) 
[2]. 
 
1.2.2 Applications of metagenomics 
 
From its outset, metagenome-based approaches have led to the accumulation of an 
extraordinary number of DNA sequences. This genomic information can be exploited for 
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biotechnological and pharmaceutical applications and to increase our knowledge of 
microbial ecology and physiology.  
Using the metagenome sequences to fully understand how complex microbial communities 
function and how microbes interact within these niches represents a major challenge for 
microbiologists today. In the last decade, metagenomic approaches have provided 
comprehensive data on microbial diversity and population dynamics in a large variety of 
ecosystems such as soil, global ocean and extreme environments. More recently, these 
technologies have been applied to medical and forensic investigations, for example for the 
identification of new viruses from human samples and for the reconstruction of the human 
gut and skin microbiome, as well as for the analysis of extinct species and the study of 
microbial communities in food and animal feed [2, 9, 17]. 
Metagenomics is currently thought to be one of the most likely technologies to provide new 
biotechnological products and processes. Since their introduction, in fact, metagenomic 
approaches have led to the discovery and characterisation of a significant number of novel 
genes encoding for biocatalysts or molecules with high potential for use in pharmaceutical 
products or production processes. It is conceivable that metagenomics together with protein 
engineering and in vitro evolution technologies might be used to find suitable natural 
enzymes that can serve as a backbone to produce ideal biocatalysts, i.e. improved tailored 
enzymes that optimally fit specific process requirements [24]. Till now, research in 
metagenome-derived DNA libraries has been focused on several classes of enzymes (Table 
1), such as lipolytic enzymes (lipases and esterases), oxidoreductases and dehydrogenases, 
polysaccharide degrading/modifying enzymes (amylases, cellulases, chitinases, xylanases, 
agarases) as well as proteases, nitrilases, amidases, DNA polymerases and enzymes involved 
in vitamin biosynthesis, such as biotin and vitamin C [9, 15].  
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Target Origin Metagenomic library type 
Number of 
screened clones  
Screening 
approach 
Esterase/lipase Soil Plasmid 286000 Function-based 
Lipase Sediment Fosmid 7000 Function-based 
Esterase Sediment Plasmid 60000 Function-based 
Alcohol 
oxidoreductase Soil/enrichment Plasmid 400000 Function-based 
Amidase Soil/enrichment Plasmid 193000 Function-based 
Amylase Soil BAC 3648 Function-based 
Biotin 
production Soil/enrichment Cosmid 50000 Function-based 
Protease Soil Plasmid 100000 Function-based 
Cellulase Sediment/enrichment λ phage 310000 Function-based 
Cellulase Aquatic community Cosmid 3744 Function-based 
Chitinase Seawater λ phage 825000 Function-based 
Dehydratase Soil-sediment/enrichment Plasmid 560000 Function-based 
Alkaline 
hydroxylanase Ocean Cosmid  
Heterologous 
complementation 
Serine protease 
inhibitor Seawater Plasmid  50000 Sequence-based 
 
Table 1. Examples of industrially relevant enzymes and biocatalysts from metagenomic libraries [24]. 
 
In addition to novel enzymes, also the isolation of genes encoding novel therapeutic 
molecules and pharmacologically active secondary metabolites is a valuable area of 
research. In this context, the genes of interest are often type I and type II polyketide 
synthases (β-ketoacyl synthetases). These are key genes involved in the synthesis of 
polyketide antibiotics and can be used as sequence tag tools for the identification of large 
biosynthetic gene clusters [9, 12, 15]. A range of already-known and novel antibiotics have 
been detected in metagenomic libraries, for instance indirubin, used in the treatment of 
leukemia, turbomycin, palmitoylputrescine and N-acyltyrosine, but also glycopeptide 
antibiotics, lantibiotics and terragines [10, 15, 18, 22]. Examples of microbial bioactivities 
identified from soil-derived metagenomic libraries are summarised in Table 2. Furthermore, 
with metagenomic approaches lots of information has been gained about the diversity of 
natural antibiotic resistance mechanisms [4].  
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Origin Bioactivity 
Forest soil Indirubin and indigo production 
Soil Deoxyviolacein and violacein production 
Soil Long-chain fatty acid enol ester production 
Desert sand soil Indolotryptoline antiproliferative agents, dihydroxyindolocarbazole anticancer/antibiotics 
Arable field soil Fatty dienic alcohol isomers production 
Desert sand soil Fluostatins production 
Agricultural soil Turbomycin A and B production 
Desert sand soil Erdacin production 
Rice paddy soil Coproporphyrin III production 
Garden soil Indigoidine production 
 
Table 2. Examples of microbial bioactivities identified from bioprospecting metagenomics from 
various soils [12]. 
 
1.2.3 Future perspective of metagenomics 
 
The rapid advancement and increasing affordability of next generation sequencing 
technologies have given birth to the so-called “shotgun metagenomics”, i.e. the direct 
sequencing of isolated eDNA, bypassing the laborious steps of library construction and 
screening. Through the development of a number of sequencing platforms, like Roche 454, 
Illumina/Solexa, PacBio and Ion Torrent, shotgun metagenomics has become the method of 
choice for varied applications, being used for instance in the human microbiome project or 
for the study of the complex microbial communities associated with coral reefs. The 
popularity of this approach is expected to rise significantly as advancing sequencing 
technology and better bioinformatics analysis pipelines will improve effectiveness and 
throughput [13].  
Another derivative of the traditional metagenomic approaches is the single cell genomics, 
which is designed to assess the genomes of individual microbial cells isolated from 
environmental samples. This technology is dependent on multiple displacement 
amplification (MDA), which can produce micrograms of DNA necessary for sequencing 
applications from the few femtograms present in an individual cell. Single cell genomics 
enables to directly link genes and biosynthetic clusters to any taxonomic information 
uncovered from the genome, potentially leading to the selection of new and targeted hosts 
for their own heterologous expression; similarly, the identification of metabolic genes could 
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shed light on the conditions or substrates needed to successfully culture the target 
unculturable microorganism in the laboratory [13, 25]. 
An exciting extension of metagenomics is the high-throughput analysis of the mobilome or 
mobile metagenome, i.e. the set of genes present on mobile genetic elements, such as 
plasmids, transposons, insertion sequences and integrons. Analysis of mobile metagenomics 
is expected to provide valuable knowledge of horizontal gene transfer events and their 
implication on microbial ecology and evolution [16]. 
Besides these metagenomics-derived applications, other Meta-omics technologies are 
rapidly advancing. Functionality of soil microorganisms and their catalytic potential can be 
characterised by the analysis of collective proteins (metaproteomics) directly isolated from 
the environment. Metatranscriptomics has become a useful tool to assess the actual 
metabolic activity of a microbial community, by differentiating between expressed and non-
expressed genes [2]. Finally, metabolomics offers powerful toolsets that enable the 
identification and characterisation of metabolites of biological significance [13]. The 
combination of the different Meta-omics technologies offers significant promise to advance 
the measurement and prediction of the in situ microbial responses, activities, and 
productivity of microbial consortia. In addition, analyses of the thereby-generated 
comprehensive data sets have an unprecedented potential to shed light on ecosystem 
functions and evolutionary processes, and increase the possibility to discover new molecules 
and proteins with the desired characteristics.  
 
 
1.3 The MetaExplore project 
 
The implementation of sustainable technologies and processes has been one of the thematic 
priorities of the European Union’s Seventh Framework Programme for Research (FP7). One 
of the selected European projects included in the FP7 was the 5-year MetaExplore project, 
run from May 2009 to May 2014 (http://www.rug.nl/research/metaexplore/). MetaExplore 
involved eighteen research groups of eleven different European countries, with the aim to 
develop and apply advanced molecular tools for the cloning and sequencing of the 
metagenomes of microbial communities of selected soil and aquatic habitats, followed by 
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educated activity- and sequence-based screenings for target enzymatic activities, their 
analysis and engineering. European academia as well as the biotechnology industry involved 
in food and waste management, in fact, is continuously in search of novel enzymes able to 
degrade recalcitrant natural polymers such as chitins and lignins, and/or polluting man-made 
compounds such as halogenated aliphatic and aromatic compounds. A first class of desired 
activities for the MetaExplore project consisted of new chitinases and chitin deacetylases, 
key enzymes in the food industry. For instance, the downstream processing of exoskeletal 
waste (the carapace) in the industrialisation of foodstuff can be greatly helped by such novel 
enzymes with high specific activities. Another class concerned the activities related to 
various enzymatic reactions that lead to the decomposition of lignin, a polydisperse phenolic 
macromolecule and one of the major compounds in lignocellulosic biomass. Degradation of 
lignin proceeds via oxidation reactions catalysed by ligninases (laccases, peroxidases and 
H2O2 producing enzymes), which are primarily produced by white-rot fungi, but also by 
filamentous bacteria like Streptomyces spp. Potential applications of ligninolytic enzymes are 
related to the removal of lignin in pulp processing or to improve total hydrolysis of 
lignocellulosic biomass for energy and chemical production. The third enzymatic class of 
interest was the one of dehalogenases and halogenases (haloalkane and haloalcohol 
dehalogenases, ammonia lyases and epoxide hydrolases), which can find application for 
environmental sanitation and for production of chiral pharmaceuticals and fine chemicals.  
In other terms, the final goal of this European project was the unlocking and mining of the 
genetic potential of microbial environmental metagenomes, with a particular attention also 
to the mobilome. To achieve this ultimate goal, the members of the MetaExplore consortium 
focused on the development of modern technologies related to every step of the 
metagenomic analysis, from the identification of efficient functional and sequence-based 
screening methodologies, to the development of alternative host/vector systems, protein 
engineering and bioinformatics tools. 
In this context, the Laboratory of Microbial Biotechnology of University of Insubria 
collaborated at the MetaExplore project in the validation of functional screening methods 
for the detection of chitinases, chitin modifying enzymes and ligninases. Another task, object 
of this dissertation, regarded the expression (in different heterologous systems) of 
metagenome-sourced selected enzymes and their functional/biochemical/structural 
characterisation, followed by their scale-up production at industrial level, in collaboration 
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with the University of Insubria’s subcontractor Actygea (http://www.actygea.com/). This 
dissertation mostly focusses on the class of enzymes able to degrade chitin. 
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2. Chitin and chitin degrading enzymes 
 
2.1 Chitin, chitosan and chitooligosaccharides 
 
Chitin, after cellulose, is the second most abundant natural biopolymer on Earth, widely 
distributed both in aquatic and terrestrial ecosystems. The annual chitin production in 
aquatic habitats has been estimated to range from 2.8 x 107 Mg/yr for freshwaters to 1.3 x 
109 Mg/yr for seas and oceans. Although no reliable estimates exist for annual chitin 
production in terrestrial ecosystems, this contribution seems negligible in comparison with 
the marine one [26].  
Chitin was discovered in 1811 in mushrooms by H. Braconnot, who called it “Fungine”, even 
if a first description of a “material particularly resistant to usual chemicals” by the English 
scientist A. Hachett dated back to 1799. In 1823, A. Odier found the same material in insects 
and plants and named it “chitine”, from the greek word χιτών meaning tunic/envelope [27].  
The most important derivative of chitin is chitosan, obtained by partial deacetylation of 
chitin under alkaline conditions or by enzymatic hydrolysis in the presence of chitin 
deacetylases (Figure 2). Chitosans with degrees of polymerisation <20 and an average 
molecular weight less than 3900 kDa are called chitosan oligomers, chitooligomers or 
chitooligosaccharides (COS). COS are generated by depolymerisation of chitin or chitosan 
using acid hydrolysis, hydrolysis by physical methods or enzymatic degradation with 
chitosanases. Chitin and its derivatives have become of great interest as new functional 
biomaterials of high potential in various fields, from industry to medicine. It has been 
estimated that by 2015 the market for chitin and COS can reach up to 63 billion US$, while 
that for chitosan up to 21 billion US$ [28, 29]. 
 
2.1.1 Chemical structure  
 
ChiƟn is an unbranched polysaccharide composed of β(1→4)-linked N-acetyl-2-amino-2-
deoxy-β-D-glucopyranose (N-acetylglucosamine, GlcNAc) residues, while chitosan, the 
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principal derivative of chitin, is a heteropolymer of two repeating units, i.e. N-acetyl-2-
amino-2-deoxy-β-D-glucopyranose (GlcNAc) and 2-amino-2-deoxy-β-D-glucopyranose 
(glucosamine) (Figure 2). Chitin and chitosan are effectively the same macromolecular entity, 
varying only in the fraction of acetylated repeating units [28]. 
 
 
 
Figure 2. Deacetylation of chitin to chitosan (modified from Shukla et al., 2013 [28]).  
 
Chitin producer organisms synthesise chitin according to a common pathway that ends with 
the polymerisation of GlcNAc from the activated precursor UPD-GlcNAc. The synthetic 
pathway includes the action of chitin synthases that accept the substrate UPD-GlcNAc and 
feed nascent chitin into the extracellular matrix. The chitin molecules, after their synthesis, 
arrange in a highly ordered biopolymer, showing rigid crystalline structure through inter- 
and intra-molecular hydrogen bonding, which varies considerably according to the origin of 
the polymers. In particular, three different allomorphic forms of chitin (and chitosan) are 
present in nature, differing in terms of polymer chain structure and crystallinity: α-, β- and γ-
chitin. The α-form is widely distributed among crustaceans and insects, and is characterised 
by a two-chain anti-parallel structure, that gives rise to strong hydrogen bonding thus 
making it more stable. The β-form, quite rare and mainly obtained from molluscs such as 
squids and some diatoms, is characterised by a loose-packing parallel chain fashion with 
weak intermolecular interactions and higher solubility and swelling than α-form. The γ-chitin 
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is characterised by a mixture of anti-parallel and parallel chains and can be found in the 
cocoons of insects. Conversion from the β-form to the α-form is possible, but not the 
reverse; γ-chitin can be converted to α-chitin by treatment with lithium thiocyanate [27, 30]. 
 
2.1.2 Distribution in nature 
 
As previously stated, chitin is widely distributed in nature, particularly as a structural 
polysaccharide in fungal cell walls, the exoskeleton of arthropods and the outer shell of 
crustaceans, but it is found also in certain algae, molluscs, yeasts and nematodes. In 
arthropods (insects, crustaceans, arachnids, and myriapods), chitin is found not only in the 
exoskeleton, but also in the tendons and in the linings of their respiratory, excretory and 
digestive systems, where it is usually present in complexes with other polysaccharides and 
proteins. Moreover, it is part of the reflective material (iridophores) both in the epidermis 
and the eyes of arthropods and cephalopods (phylum Mollusca). In filamentous fungi and 
basidiomycetes, chitin comprises 16 to 44% of the dry weight of the organism; while 20 to 
58% of the total weight of shellfish, such as shrimps, crabs and krill is composed by this 
polysaccharide. In yeast, the amount of chitin in the cell wall is much lower, but bud scars 
have been shown to be largely composed of chitin [31]. Also few vertebrates contain chitin: 
for example, the epidermal cuticle of the fish Paralipophrys trigloides was found to be 
chitinous [27]. 
 
 
2.2 Chitin degrading enzymes 
 
2.2.1 Occurrence of chitinases 
 
Chitinolytic enzymes are ubiquitous proteins widely distributed among all kingdoms of life, 
being produced by bacteria, fungi, insects, viruses, plants and animals for different purposes 
including nutrition, morphogenesis, pathogenesis, parasitism and defence. Many of these 
organisms possess several genes that encode chitinolytic enzymes, usually acting in 
synergetic or successive manner to degrade chitin. The occurrence of multiple chitinolytic 
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enzymes is thought to reflect the flexibility of the organisms to deal with variability in chitin 
structures and different degrees of acetylation. For example, most filamentous fungi have 10 
to 20 different chitinolytic genes, while in mycoparasitic species the number of such genes 
may reach 30 or even more [31-33].  
Possession of chitinases is taxonomically widespread among bacteria, with chitinolytic 
representatives being found, among others, in the phyla Actinobacteria, Firmicutes, 
Acidobacteria and Proteobacteria. In these microorganisms, chitinases play roles not only in 
the decomposition of natural chitin resources, but also in antagonistic interaction with fungi 
and in parasitism [26]. Similarly, chitinolytic enzymes in fungi are thought to have autolytic, 
nutritional and morphogenetic roles, while in viruses are involved in pathogenesis [31, 33]. 
Further details about the chitinolytic systems of model bacteria and fungi can be found in 
subsection 2.2.4. Insect and crustacean chitinases are important during various stages of 
metamorphosis, especially in chitin turnover during molting. Their expression is tightly 
controlled by hormones, since premature exposure can lead to growth inhibition and 
mortality. Chitinases are also produced by the venom and salivary glands of some insect 
species, probably to facilitate the degradation of the host cuticle and therefore the 
ingression or egression of parasitoid larvae through such barrier [31, 32]. In plants, 
chitinolytic enzymes show antifungal, antibacterial, insecticidal, nematicidal and antiviral 
effects, and participate in the systemic acquired resistance against a broad range of 
pathogens. Additionally, plant chitinases serve other physiological functions that may not be 
directly related to their hydrolytic activity: for example, some enzymes show ice structuring 
activity and provide cold or freeze tolerance for the organism, others may counteract 
oxidative stress and act as storage proteins through their ability to bind metals [32]. Finally, 
mammalians chitinases are supposed to be involved in defence mechanisms against chitin-
containing pathogens, chitin digestion (especially in insectivorous mammals), tissue 
remodelling, fertilisation and innate immunity [32]. 
 
2.2.2 Classification of chitinolytic enzymes 
 
Chitinases have wide ranges of molecular weights (20-115 kDa), optimal temperatures (18-
90 °C), optimal pH (2.0-10.5) and pI values (3.5-8.8) (http://www.brenda-enzymes.org/). 
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According to the Nomenclature Committee of International Union of Biochemistry and 
Molecular Biology (IUBMB), chitinolytic enzymes can be classified into two major categories, 
based on the catalysed reaction [31, 34] (see also Figure 3): 
- Endochitinases (EC 3.2.1.14; (1→4)-2-acetamido-2-deoxy-β-D-glucan 
glycanohydrolases) cleave chitin randomly at internal sites, generating soluble and 
low molecular mass multimers of GlcNAc (such as chitodextrins, chitotetraose, 
chitotriose and diacetylchitobiose). 
- Exochitinases (EC 3.2.1.52; β-N-acetyl-D-hexosaminide N-acetyl-hexosamino-
hydrolases) can be further divided into two subcategories: chitobiosidases (EC 
3.2.1.29), which catalyse the progressive release of diacetylchitobiose starting at the 
non-reducing end of chitin microfibril; and β-(1,4) N-acetyl glucosaminidases (EC 
3.2.1.30), which cleave the oligomeric products of endochitinases and 
chitobiosidases, generating monomers of GlcNAc. 
An alternative pathway for chitin degradation involves the deacetylation of chitin to chitosan 
by chitin deacetylases (EC 3.5.1.14; chitin amidohydrolases), which is finally converted to 
glucosamine residues by the action of chitosanases (EC 3.2.1.132; chitosan N-
acetylglucosaminohydrolases). 
 
 
Figure 3. The enzymes involved in chitin degradation and modification, according to the IUBMB 
nomenclature.  
 
Another classification of chitinolytic enzymes, firstly proposed by Henrissat in 1991 [35] and 
based on amino acid sequence similarity, groups chitinases into families 18, 19 and 20 of 
glycosyl hydrolases. Family GH18 contains endochitinases and chitobiosidases from bacteria, 
fungi, viruses, animals, insects and some plants, while family GH19 consists of chitinolytic 
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enzymes from plants and few bacterial groups (some actinomycetes, green non-sulphur and 
purple bacteria). The chitinases of the two families do not share amino acid sequence 
similarity, have completely different 3-D structures and molecular mechanisms (see 
subsection 2.2.3 for further details), and are therefore likely to have evolved from different 
ancestors. Finally, family GH20 includes β-(1,4) N-acetyl hexosaminidases and β-(1,4) N-
acetyl glucosaminidases from streptomycetes and humans [31, 36].  
Bacterial chitinases, mainly occurring in the GH18 family, can be further divided into three 
major subcategories, named A (the most abundant in the environment), B and C, according 
to the amino acid sequences of their catalytic domains, the modular structure and enzymatic 
activities (endo vs. exo) [31-33]. Plant chitinases are classified into seven different classes 
(Class I to VII) based on several parameters like N-terminal sequences, subcellular 
localisation of the enzyme, isoelectric point, signal peptide and inducers. Fungal chitinases, 
all belonging to family GH18, can be further divided into three subgroups on the basis of 
sequence comparison, namely A, B and C (not to be confused with bacterial subfamilies) 
[32]. All known insect chitinases belong to the family GH18 and can be assigned to eight 
distinct groups denoted by Roman numerals I-VIII [32].  
 
2.2.3 Structure, catalytic mechanisms and inhibitors 
 
Chitinolytic enzymes belonging to the same family show conserved features. For example, 
sequence alignments of family GH18 catalytic domains revealed the presence of two highly 
conserved regions, SxGG and DxxDxDxE, corresponding to the substrate-binding site and the 
catalytic domain, respectively. Similarly, family GH19 members are all characterised by the 
highly conserved motifs [FHY]GRG[AP]xQ[IL][ST][FHYW][HN][FY]NY and L(x)9LV(x)12W[FY]W, 
forming a substrate binding region [36]. 
Another common feature to most chitinases is their multi-domain structure. Next to the 
catalytic domain, in fact, other auxiliary regions, arranged in different order, could be found 
[26, 34]: 
- N-terminal signal peptide, which mediates the enzyme secretion and is cleaved off by signal 
peptidases after transportation across the membrane; 
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- one or more carbohydrate-binding modules (CBMs), such as chitin binding domains (CBDs) 
and chitin insertion domains (CIDs), which increase the affinity toward chitin and, 
presumably, facilitate enzyme movements along the chitin chain during processive action 
and stimulate decrystallisation of the substrate; 
- fibronectin type III (FnIII) domain, involved in binding to insoluble substrates like colloidal 
chitin and in the exo-hydrolytic mechanism; 
- serine/threonine-rich linkers, usually post-translationally glycosylated with sugar chains 
and probably necessary for the secretion and maintenance of protein stability. 
 
Crystallographic analyses of plant, bacterial and fungal chitinases in the past years have 
thrown light on the three dimensional structure of these hydrolytic enzymes. In particular, 
all GH18 and GH20 proteins have an eight-stranded beta/alpha-barrel ((α/β)8 or TIM barrel) 
fold [33, 34]. On the other hand, members of family GH19 have a bilobal structure with a 
high α-helical content [36]. 
 
Like other glycosyl hydrolases, chitinolytic enzymes generally catalyse the depolymerisation 
of their substrate through one of two pathways known as single- or double-displacement 
mechanisms (Figure 4). In both pathways, two distinct catalytic groups are involved. One of 
these is a carboxyl group that acts as a proton donor and is usually provided by a conserved 
glutamate residue at the active site of the enzyme, although in some cases an aspartate 
residue may fulfil this role. The second catalytic group may act either as a base (in the single-
displacement mechanism) or as a nucleophile (in the double-displacement mechanism). 
Since single-displacement mechanism, typical of family GH19 chitinases, results in the 
inversion of the anomeric configuration of the hydrolysed GlcNAc residue, it is also known as 
the inverting mechanism. On the other hand, in the double-displacement mechanism of 
GH18 chitinases, also referred to as the retaining mechanism, the anomeric configuration is 
retained [31-33]. 
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Figure 4. a) The double-displacement hydrolysis mechanism proposed for family GH18 chitinases. 
Protonation of a GlcNAc residue in a boat conformation leads to an oxazoline intermediate, which 
may be hydrolysed to form a product with retention of the anomeric configuration. b) The single-
displacement hydrolysis mechanism proposed for family GH19 chitinases. Two acidic residues are 
required in the active site, and the hydrolysis product shows inversion of the anomeric configuration 
[31]. 
 
In addition to general enzyme inhibitors, such as organic compounds and oxidising/reducing 
agents, a number of reports are available on natural chitinase inhibitors. Allosamidin, for 
instance, is a pseudotrisaccharide antibiotic produced by Streptomyces spp. with a structure 
similar to GlcNAc, which specifically inhibits of GH18 chitinases from insects, yeast, fungi, 
and human serum. Psammaplin A, a brominated tyrosine-derived compound, was found to 
be a noncompetitive inhibitor of GH18 chitinases, binding near the active site. Other 
inhibitors include the cyclic pentapeptides argifin and argadin, isolated from Gliocladium sp. 
and Clonostachys sp. respectively, CI-4 from Pseudomonas sp. and C2-caffein, a low 
molecular weight compound composed of two linked caffeine moieties [31, 33]. 
 
2.2.4 The microbial chitinolytic system 
 
Most of the natural degradation of chitin has microbial origin, and bacteria and fungi have 
developed systems for the depolymerisation, transport and metabolism of chitin and 
chitooligosaccharides [37, 38]. Owing to the structural complexity of the substrate, the 
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complete enzymatic hydrolysis of chitin is performed by a complex chitinolytic system, 
whose action is known to be synergistic and consecutive. The occurrence of multiple genes 
in a single organism may be the result of gene duplication or acquisition of genes from other 
organisms via lateral gene transfer [38]. Chitin turnover is highly regulated and the involved 
hydrolytic enzymes are usually induced by the products of chitin hydrolysis (in particular by 
GlcNAc) or by soluble chitin oligomers (GlcNAc)2-6. If other more readily available growth 
substrates such as glucose are present, chitinolytic gene expression is usually repressed [31, 
38]. 
In general, microbial chitin degradation starts with the secretion of chitin depolymerases (EC 
3.2.1.14) that release GlcNAc, chitobiose and COS from the polymer. Then, in Gram-negative 
bacteria like Serratia marcescens and Vibrio spp., two of the most intensively studied 
chinolytic microorganisms, these compounds enter into the periplasm, where 
chitodextrinases (EC 3.2.1.14) and N-acetylglucosaminidases (EC 3.2.1.52) produce GlcNAc 
and, to a lesser extent, chitobiose. Finally, when transported into the cytoplasm, GlcNAc and 
chitobiose are metabolised or modified for cell wall biogenesis. PTS (phosphoenolpyruvate : 
glucose phosphotransferase system) transporters are thought to be responsible for the main 
GlcNAc uptake, but also other GlcNAc transporters as well as transporters with a broader 
substrate range (including sugar monomers like glucose, glucosamine, fructose and 
mannose) have been described [38]. 
In particular, when chitin is the main carbon source, S. marcescens produces four family 
GH18 chitinases (called ChiA, ChiB, ChiC1 and ChiC2, the last one derived from a post-
translational modification of ChiC1), all of which are released into the surrounding medium. 
It has been suggested that ChiA and ChiB are exochitinases acting processively from the 
opposite sides of the chitin chain, while ChiC1 and ChiC2 are endochitinases. Their 
combination determines synergistic effects on chitin degradation [38, 39]. 
In Vibrio furnisii and Vibrio cholerae, the typical degraders of chitin in marine environments, 
dozens of enzymes are likely to be involved in chitin degradation. These include several 
extracellular chitinases, at least two specific hydrolases in the periplasmic space producing 
GlcNAc and chitobiose, and six cytoplasmic enzymes that convert these sugars to fructose-
6P, NH3 and acetate. Additionally, a chemotaxis system and a nutrient sensor to detect 
extracellular chitin, a specific chitoporin in the outer membrane and three transport 
complexes in the inner membrane have been identified [40]. Expression of the chitinolytic 
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genes is regulated by the two-component signalling system ChiS/ChiR. When in the 
environment chitin oligosaccharides deriving from chitin partial hydrolysis are present at low 
levels (minus phenotype), the binding protein CBP (chitin oligosaccharide binding protein) 
binds to the periplasmic domain of the sensor kinase ChiS, locking it into an inactive 
conformation. On the contrary, in the plus phenotype, COS enter the periplasmic space, 
where they bind to CBP and dissociate it from ChiS: the active conformation of the kinase 
activates a cascade of signals involving ChiR, which resulted in chitinolytic gene expression 
[40]. 
 
Among Gram-positive bacteria, the best studied chitinolytic system is that of 
streptomycetes. Also these microorganisms, well-known decomposers of chitin in soil, 
possess diverse and multiple chitinase genes with different characteristics. In particular, the 
analysis of S. coelicolor A3(2) genome revealed the presence of at least thirteen different 
genes coding for chitinases, not organised in operons but randomly distributed across the 
genome: eleven members of GH18 family and two of GH19 [41]. Chitinase production in 
these filamentous microorganisms is induced by chitin and repressed in the presence of 
readily utilisable carbon sources such as glucose [41]. Although several aspects of the 
regulation of chitinase production by streptomycetes are still unclear, what is known is that 
this regulation occurs at level of transcription, and a pair of 12 bp conserved direct repeat 
sequences has been found to play a key role. These conserved sequences, present in the 
promoter regions of various type of genes and called “dre” (DasR responsive elements), are 
recognised by a GntR-like transcriptional regulator, DasR [41, 42]. DasR is a pleiotropic 
multifunctional regulator, part of the nutrient-sensing system of actinomycetes. It is also 
involved in morphological development, which acts as both an activator (for chitinase genes) 
and a repressor (for genes of the sugar phosphotransferase – PTS – and ATP-binding cassette 
– ABC – transport systems and for the accII-4 and redZ genes, respectively involved in 
actinorhodin and prodigiosin antibiotics production in S. coelicolor). Besides DasR, other 
molecular regulators have been identified, including the two-component regulator ChiS/ChiR 
of chiC in S. coelicolor A3(2), the Cpb1 DNA-binding protein and Reg1 both in S. lividans [41]. 
 
In fungi, chitinase gene expression has been reported to be controlled by a 
repressor/inducer system, in which chitin or other products of degradation (such as GlcNAc 
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or glucosamine) act as inducers whereas glucose or easily metabolised carbon sources act as 
repressors [34]. The most studied mycoparasitic fungus is Trichoderma harzianum, whose 
chitinolytic system is composed of seven chitinases, including four endochitinases, one 
chitobiosidase and two β-(1,4) N-acetyl-glucosaminidases [34, 43]. Multiple chitinolytic 
enzymes have been identified also in Trichoderma viride culture broth, including three major 
extracellular enzymes of ~ 30 kDa, ~ 45 kDa and ~ 65 kDa, in addition to minor ones [44, 45].  
 
2.2.5 Biotechnological applications of chitin, chitin derivatives and chitinases 
 
Chitin is a white, hard, inelastic, nitrogenous polysaccharide, highly hydrophobic and 
insoluble in water and most organic solvents owing to its intermolecular hydrogen bonds. It 
is soluble in strong acids such as dichloroacetic and trichloroacetic acids and in highly polar 
fluorinated solvents like hexafluoroisopropyl alcohol, hexafluoroacetone and chloroalcohols. 
The deacetylated chitosan is soluble in aqueous solutions of weak acids such as acetic, nitric, 
hydrochloric and phosphoric acid, but insoluble in water, organic solvents and aqueous 
bases. Its properties vary depending on the degree of acetylation and molecular weight [30]. 
Chitin and chitosan are biocompatible, non-toxic, non-allergenic, biodegradable, 
biorenewable and bioabsorbable, with antibacterial and wound-healing abilities, as well as 
mechanical strength and low immunogenicity [30]. Thanks to these characteristics and 
despite the limited solubility, a very broad range of applications in different fields have been 
reported, such as food technology, material science, microbiology, agriculture, wastewater 
treatment, drug delivery systems, tissue engineering and bio-nanotechnology (see below for 
further details) [27, 28, 30]. Also COS find wide-range applications, because of their high 
solubility in water and low viscosity. Additionally, it is possible to produce several COS-
derivatives (amino-derived COS, carboxylated COS, gallyc COS and sulphated COS) with 
specific and targeted properties [29]. 
 
Biomedicine. Chitin and chitosan are effective agents for haemostasis maintenance through 
aggregating platelets, and therefore could be employed for facilitating wound healing. 
Similarly, chitosan membranes have been designed to protect wounded and burn skin by 
preventing bacterial invasion and halting the evaporation of the skin’s water. Chitin and its 
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derivatives have been used also as scaffolds for bone, skin and other natural tissue 
regeneration, as well as diet additives to battle obesity and hypercholesterolemia, being able 
to bind lipid micelles and therefore reducing the amount of absorbed cholesterol. Chitosan 
and chitin derivatives such as N-succinyl-chitosan, carboxymethyl chitin and chitosan 
hydrogel, have been used as protein and drug carrier and as safe DNA carriers for gene 
therapy. 
Cosmetics. Chitosan and chitin are employed as additives in cosmetic products for hair, skin 
and oral care, as natural substitutes of hydrocolloids, emulsifiers, moisturisers or fungicide 
agents. 
Paper industry. Biodegradable chitin and chitosan strengthen recycled paper and increase 
the environmental friendliness of packaging; moreover, the paper produced with chitosan 
has a smoother surface and is more resistant to moisture. 
Textile industry. Derivatives of chitin are used to impart antistatic and soil repellent 
characteristics to the textiles. Chitin can be employed also in printing and finishing 
preparations, while chitosan is able to remove dyes from dye processing effluents. 
Food processing. Chemical food preservatives can be replaced with chitin-based ones, which 
have the advantage of being safer and both antibacterial and fungicidal. The deacifying 
ability of chitin is utilised in coffee industry and to clarify beverages such as wine, beer and 
fruit juices, while microcrystalline chitin is employed as emulsifying and gelling agent for 
stabilizing foods. 
Agriculture. COS have been shown to play an important role in defence mechanisms of 
plants against microbial invasion. For example, chitin fragments can desensitise the 
perception system of tomato and rice, leading to an improvement of the defence 
mechanisms in plant cells. Additionally, chitin treated seeds were found to have growth 
accelerating and enhancing effects. 
Bio-nanotechnology. Chitosan has gained growing interest in the field of nanomaterials, 
because of its biocompatibility, high permeability, cost-effectiveness, non-toxic property and 
excellent film-forming ability. 
Bioremediation. Several studies have reported the ability of chitin and chitosan to remove 
heavy metals, such as copper, iron, lead, silver, titanium, but also uranium, plutonium, 
mercury, arsenic and tungsten, from the environment. They also have been successfully 
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tested for the adsorption of organic pollutants and petroleum products and as flocculating 
agents, thus finding application in the wastewater treatment. 
Energy production. An emerging application of chitin is its role as potential source of 
alternative energy. For example, the digestion of chitin by bacteria proved to be effective in 
producing electrons that act as horsepower in a microbial fuel cell-containing robot. 
Additionally, chitin has been utilised by Clostridium paraputrificum to produce hydrogen gas. 
The advantage of using chitin as energy resource is that most chitin sources are waste and 
non-food materials, such as shrimp shells. 
 
Today, several companies are producing chitin and chitosan at a commercial scale, mainly 
starting from the waste residues of seafood exoskeletons, such as shrimps, crabs, oysters 
and squids. The process of chitin isolation from the shells consists of three steps: 
demineralisation, deproteinisation and bleaching. For each passage, different protocols can 
be applied, according to the chitin source or its further application. Demineralisation is 
usually achieved in 1 to 3 hours treatment with acids at room temperature, while 
deproteinisation is performed using aqueous sodium or potassium hydroxide solutions. 
Finally, the removal of pigment residues from chitin can be achieved by extraction at room 
temperature with acetone, chloroform, ethyl acetate, ethanol and ether mixture. 
Decolourisation is usually carried out through a bleaching treatment with hydrogen 
peroxide, potassium permanganate or sodium hypochlorite. Chitosan production at 
industrial level is performed through a 10-hour long process, at high temperatures (from 80 
to 140 °C) and using concentrated (30 to 60% (w/v)) sodium or potassium hydroxide 
solution. Similarly, COS are usually obtained by treating chitin in cold 70% (w/v) sulphuric 
acid solution [46].  
It is therefore essential to develop more sustainable and environment-friendly processes for 
the extraction and derivatisation of chitin, to be used as valid and efficient alternatives to 
the traditional chemical-based ones. An answer to this demand are chitinolytic enzymes.  
 
Indeed, chitinases have many industrial and agricultural applications [31, 32]. Chitinolytic 
enzymes can be employed for the production of chitin derivatives (COS, glucosamines and 
GlcNAc) with immense pharmaceutical and nutritional potential, as described above. Other 
applications include the production of single cell proteins, fungal protoplasts, 
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neoglycoproteins useful for structure-function studies, and synthetic polysaccharides 
employed for the development of prophylactic and therapeutic agents, as well as the direct 
application of chitinases in medicine for the treatment of systemic fungal infections.  
Moreover, since pathogenic fungi and insect pests contain chitin in their protective covers, 
chitinases can be employed as alternative biopesticides, alone or as supplements to the 
commonly used fungicides and insecticides. For example, it has been demonstrated that 
both first (I) and fourth (IV) instar larvae of the yellow fever and dengue vector Aedes 
aegypti can be killed within 48 h with the help of a crude preparation from the saprophytic 
fungus Myrothecium verrucaria, containing insect cuticle degrading enzymes including 
chitinases [47]. Similarly, two chitinolytic enzymes from Streptomyces albidoflavus proved to 
have an inhibitory effect both on the insect coffee berry borer Hypothenemus hampei and 
on the rust fungus Hemileia vastatrix, two of the most limiting coffee pests worldwide [48]. 
Also the constitutive overexpression of antifungal chitinases in agriculturally important 
plants represents a promising strategy for conferring them genetic resistance against 
phytopathogen fungi. Chitinases from the mycoparasitic fungus Trichoderma spp. have been 
overexpressed in several agriculturally important plants, e.g. lemon, cotton, apple and carrot 
[33]. 
 
 
2.3 Traditional and innovative methods for studying and producing microbial 
chitinolytic enzymes 
 
The first chitinase was identified by Bernard in 1911, who found a thermosensitive and 
diffusible antifungal factor from orchid pulp; next, in 1929, a similar enzyme from snails was 
reported by Karrer and Hoffman [49]. Since then, several works have been published 
concerning the identification and characterisation of chitinase-producing organisms and 
chitinolytic enzymes. The interest in this class of enzymes and the demand for biocatalysers 
with new and desirable properties have kept growing as additional uses of chitinases and 
chitin derivatives become apparent. Microorganisms, the primary degraders of chitin in the 
environment, are a rich source of valuable chitin-modifying enzymes [37]. In the following 
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subsections, a brief review of traditional and innovative (i.e. metagenomic) approaches for 
the identification of new microbial chitinases is provided. 
 
2.3.1 Detection and production of chitinases in culturable microorganisms  
 
The most simple and traditionally employed method for the detection of chitin-degrading 
microorganisms is their screening using solid media supplemented with colloidal or swollen 
chitin. These assays are based on the fact that in many chitinolytic systems chitin is 
hydrolysed by secreted chitin depolymerases. Since these enzymes are able to diffuse 
through agar, the hydrolysis of polymeric chitin incorporated into the medium can be 
visualised as halos or zones of clearing around colonies. Though these assays have a limited 
sensitivity, they represent a simple and inexpensive method to identify chitinolytic 
microorganisms [37]. Examples can be found in [50], [51], [52] and [53], just to cite a few.  
Alternative complex substrates that may be included in agar media to facilitate the 
visualisation of chitinolytic activities are ethylene glycol chitin (EGC) or Chin Azure, prepared 
by covalently linking a soluble dye to colloidal chitin. Similarly, a variety of synthetic chitin 
analogues can be used to screen for the production of chitin-degrading enzymes, including 
the fluorigenic 4-methylumbelliferyl (4-MU) analogues, 4-methylumbelliferyl β-D-N,N’-
diacetylchitobioside (4-MU-(GlcNAc)2) and 4-methylumbelliferyl β-D-N,N’,N’’-
triacetylchitotrioside (4-MU-(GlcNAc)3), prepared by linking a 4-MU moiety to the reducing 
end of chitobiose and chitotriose, respectively; or the paranitrophenol (PNP) chitin 
analogues 4-nitrophenyl N-acetyl-β-D-glucosaminide, 4-nitrophenyl N,N’-diacetyl-β-D-
chitobioside and 4-nitrophenyl N,N’,N’’-triacetyl-β-D-chitotrioside, whose liberated PNP 
moiety can be detected spectrophotometrically at 410 nm [37].  
Once identified a suitable chitin-degrading microorganism, two different approaches are 
feasible. The first one is chitinase production and purification from the chitin-degrading 
microorganism itself. Reports are available about microbial chitinase production in liquid 
batch, continuous and fed-batch fermentation, as well as solid-state fermentation and 
biphasic cell systems [31]. Optimised culture conditions for chitinase expression are not 
universal and vary depending on the species of the microorganism. Chitin supplementation 
to the culture broth usually exerts an inducing effect on enzyme production, but also other 
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parameters such as carbon and nitrogen sources, pH, incubation temperature and aeration 
rate proved to affect chitinase production. For example, the addition of amino acids 
(tryptophan, tyrosine, glutamine and arginine, at 0.1 mM concentration) stimulated 
chitinase production from Bacillus sp. BG-11, whereas the supplementation of wheat bean in 
combination with chitinous substrates doubled the chitinase yield obtained from 
Enterobacter sp. NRG4 [54]. When the enzyme is secreted into the culture broth, its recovery 
usually starts with a fractional ammonium sulphate precipitation step to concentrate the 
proteins, followed by one or more steps of purification with ion-exchange or gel filtration 
chromatography (examples can be found in [51], [55], [56] and [57]). An alternative is 
purification by affinity chromatography using chitin-containing columns. 
When the sequence of the chitinase coding gene is available, the second approach, i.e. 
heterologous cloning and expression, is a valuable option, as described in details in 
subsection 2.3.3.  
 
2.3.2 Metagenomic approaches for new chitinase gene identification  
 
Metagenomics is a promising, even if still underexploited, tool for the identification of novel 
chitinolytic enzymes otherwise encrypted in natural microbial communities. Naturally-
occurring suppressive soils and chitin-amended soils and sediments are thought to be 
particularly valuable resources for the construction of metagenomic libraries: in these 
environmental samples the fitness of chitin degrading bacteria and hence the proportion of 
genes related to chitin degradation in the metagenomic DNA are expected to be increased 
[58, 59]. Screening of the so-constructed metagenomic libraries can be achieved with (i) 
functional approaches, based on the degradation of the same polymeric chitins and 
synthetic chitin analogues described in the previous subsections; and/or with (ii) sequence-
based screening strategies, exerted by PCR with degenerate primers designed on the basis of 
the conserved regions of the catalytic domains of family 18 and 19 glycoside hydrolases 
(reported in 2.2.3). In the latter method, once identified a positive clone, the reconstruction 
of the complete gene sequence can be achieved by primer walking techniques.  
To date, only a few studies have employed metagenomics to identify novel putative 
chitinase sequences and even less works had led to the isolation and proper characterisation 
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of biologically active chitinolytic enzymes (a review of the published papers can be found in 
the conclusive chapter of this dissertation). Besides some technical challenges in the 
metagenomic library construction and screening, one of the mail limiting step is the 
identification of a suitable expression platform for the successful expression of the target 
enzyme, as described in the following subsection. 
 
2.3.3 Chitinase heterologous expression  
 
When the aim of a study is a full biochemical, structural and functional characterisation of an 
enzyme or, more in general, when it is necessary to produce high amount of a protein for 
industrial processes or for the development of commercial goods, heterologous cloning and 
expression in model hosts are the best pathway to follow. The same applies to chitinases, 
either if produced by cultivable strains or sourced by a metagenomic approach. 
There are many microbial hosts available for the production of recombinant enzymes, but 
the preferred choice is usually the Gram-negative bacterium Escherichia coli. Several 
bacterial chitinolytic enzymes have been cloned, expressed and purified in this heterologous 
host, including chitinases from Alteromonas sp. [60], Streptomyces sp. [61], Vibrio sp. [62], 
Bacillus sp. [63, 64] and Enterobacter sp. [65], as well as from Serratia sp. [66], Chitiniphilus 
shinanonensis [67], Rhodothermus marinus [68], Citrobacter freundii [69] and 
Chromobacterium violaceum [70]. Also some fungal chitinolytic enzymes, for instance from 
Trichoderma spp. [71, 72], Beauveria bassiana [73] and Paecilomyces thermophila [74], and 
more recently some archeal chitinases [75, 76] have been produced in E. coli. The 
advantages of this expression platform are several and well-known, including the 
unparalleled fast growth kinetics (in glucose-salts media the doubling time is about 20 
minutes) and the possibility to easily reach high cell densities in inexpensive fermentation 
media [77]. Moreover, there are many molecular tools and protocols at hand for the 
manipulation of this microorganism and for the high-level production of heterologous 
proteins, such as a vast catalogue of expression plasmids and a great number of engineered 
strains. Nowadays, the most common expression plasmids are the result of multiple 
combinations of replicons, promoters, selection markers, multiple cloning sites, and fusion 
protein/fusion protein removal strategies. Commercially available plasmids include, among 
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the others, the most commonly used pT7-based pET (Novagen) and pUC (Thermo Scientific) 
series, the pACYC (Addgene) and the paraBAD-based pBAD (Invitrogen) series employed for 
dual expression of recombinant proteins using two separate plasmids, and the more recent 
pET-DUET vectors (Novagen) where two different genes can be cloned in the same plasmid 
[77]. Dozens of E. coli strains are then available as hosts, all of them with advantages and 
disadvantages, starting from the most commonly employed BL21 and BL21(DE3) strains, to 
the AD494 and OrigamiTM (Novagen) strains developed to enhance disulphide bond 
formation in the cytoplasm, or the C41(DE3) and C43(DE3) strains specific for membrane and 
toxic protein expression [77, 78]. Moreover, E. coli often has the advantage of lacking 
endogenous proteins functionally or chemically similar to the ones heterologously 
expressed, or able to interact with them. This is particularly true for chitinases, absent in E. 
coli genome: the lack of an endogenous counterpart, facilitates the detection and the 
purification of the herein produced recombinant chitinases.  
However, there are also some limitations to using E. coli as an expression host, some of 
which have been already mentioned in subsection 1.2.1. These include first of all the inability 
to perform certain post-translational modifications (such as glycosylation and acetylation) 
and defects in protein maturation and disulphide bond formation. Codon bias is another 
factor which affects protein expression levels and arises when the occurrence of 
synonymous codons in the foreign coding DNA is significantly different from that of E. coli, 
resulting in translation rate reduction, amino acid misincorporation and/or truncation of the 
polypeptide. Strategies for solving codon usage bias can be the codon optimisation of the 
heterologous sequence or increasing the availability of underrepresented tRNAs by choosing 
E. coli strains carrying plasmids with extra copies of rare tRNAs, such as the 
BL21(DE3)CodonPlus strain (Stratagen) with extra copies of the tRNAs for AGG/AGA (Arg), 
AUA (Ile) and CUA (Leu), or the Rosetta(DE3) strain (Novagen) supplying all the above-
mentioned codons plus CCC (Pro) and GGA (Gly) [77]. Furthermore, the maintenance of a 
episomial plasmid often induces a stress response, especially when the recombinant protein 
is highly expressed. Some proteins directly influence host cellular metabolism through their 
enzymatic properties, but in general the expression of a recombinant protein induces a so-
called “metabolic burden”, i.e. the amount of resources (raw material and energy) that are 
withdrawn from the host metabolism for maintenance and expression of the heterolgous 
DNA. This usually results in an impaired growth rate and a lowered biomass production, as 
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well as an enhanced in vivo proteolysis of the target protein. Another major drawback of 
recombinant protein overexpression in E. coli is their accumulation into inclusion bodies 
(IBs). IBs are electron-dense protein granules rod- or sphere-like in shape, with diameters 
ranging from 0.2 to 1.2 µm and observable by optical microscopy. IBs are usually 
homogenous, being composed for up to 80-95% of the recombinant protein (mostly in 
inactive form, partially folded or unstructured), with only little contaminating host proteins, 
membrane phospholipids, ribosomial components, DNA or RNA [77, 79, 80]. The major 
disadvantage of IBs formation is the need to develop a protein refolding protocol, which can 
be tedious and not always effective in yielding native folded and active proteins [80]. The 
common protocol to obtain protein solubilisation from IBs is based on their treatment with 
strong denaturing agents (urea, guanidium hydrochloride, guanidium thiocianate), as applied 
for example in [71], [72] and [73] for the solubilisation of the chitinolytic enzymes Chit33 and 
Chit42, Ech30 and Bbchit1, respectively. As an alternative, it is possible trying to prevent IBs 
formation, (i) by reducing the culture growth and protein production rate, and/or (ii) 
favouring the folding process by co-expressing chaperones, and/or (iii) fusing the 
heterologous proteins with tags enhancing their solubility [77]. Another possibility is 
targeting the heterologous protein to the periplasmic space or to the growth medium, thus 
reducing protein concentration into the cytoplasm and, therefore, the protein-protein 
interaction leading to IBs formation. Periplasmic recombinant expression is favourable also 
due to the lower proteolytic activity and the oxidising environment that facilitates the 
formation of disulphide bonds [79]. Methods to achieve this goal include (i) the selection 
and modification of the signal peptide, (ii) co-expression of helper proteins to assist 
translocation trough the cytosolic membrane and folding, (iii) improvement of periplasmic 
release and (iv) protection of target protein from degradation and contamination [81]. Boer 
et al., 2007 [71] reported about the expression of two Trichoderma harzianum chitinases, 
Chit33 and Chit42, in the periplasm of E. coli, by replacing the native signal peptide sequence 
with the filamentous phage fd pIII protein signal sequence. In [70] an example of chitinase 
secretion by E. coli in the culture broth directed by its native signal peptide is reported.  
The limits of heterologous protein production in E. coli have stimulated the development of 
alternative prokaryotic and eukaryotic expression systems, each with advantages and 
disadvantages. A chitinase gene from Strenotrophomonas maltophila was expressed and 
purified in the Gram-negative bacterium Burkholderia cepacia [82], whereas four different 
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chitinases from Aeromonas hydrophila, Pseudomonas maltophila [83] and Bacillus 
licheniformis [84] were expressed in Bacillus thuringiensis. Also the methylotrophic yeast 
Pichia pastoris has been successfully employed for the production of two thermostable 
chitinases, TaCHIT1 and CtCHIT1, from Thermoascus auranticus and Chaetomium 
thermophilum [85], as well as for the expression and purification of Bbchit1 from Beauveria 
bassiana [73].  
Streptomyces spp. are other promising cell factories for the expression of chitinases, as 
demonstrated in [86] and [87]. These Gram-positive, high GC-content microorganisms have 
the main advantage to possess a developed secretory system: secreted proteins are usually 
natively folded, can be produced at comparable or even higher levels than intracellular ones, 
and can be more easily purified, reducing the risks of contamination by host proteins, nucleic 
acids and endotoxins [88]. Their main limitation for the heterologous expression of 
chitinolytic enzymes is the presence of endogenous chitinases (see subsection 2.2.4), which 
can interfere with the detection of the recombinant enzyme. For the total or partial 
repression of this complex endogenous system, two different approaches can be followed: 
the exploitation of carbon catabolite repression effect exerted by glucose or other 
monosaccharides [89], or the knock-out of one or more regulators [41].  
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LAYOUT OF MY PHD THESIS 
 
 
My PhD has been developed in the frame of the FP7 European project MetaExplore. This 
project, run from May 2009 to May 2014, involved eighteen research groups with the aim to 
develop metagenomic tools and techniques for the identification of novel enzymes involved 
in the biodegradation of recalcitrant natural molecules such as chitin and lignin, and 
xenobiotics anthropogenic compounds as halogenated aliphatic and aromatic molecules. 
European academia as well as biotechnology industries is, in fact, in continuous search of 
novel biocatalysts with innovative features and enhanced activities, to be employed in a vast 
range of industrial and environmental processes. One class of desired activities for the 
MetaExplore project consisted of novel chitinolytic enzymes. Chitinases, chitosanases and 
chitin deacetylases have many potential biotechnological and environmental applications, 
being for instance key enzymes in the food industry, where they can greatly improve the 
downstream processing of exoskeletal wastes. They can also be used as alternative and eco-
friendly biocontrol agents, as well as for medical applications. Also chitin derivatives 
(chitosan and chitooligosaccharides) have a multiplicity of applications, which make 
chitinases even more attractive at industrial level.  
In this context, the Laboratory of Microbial Biotechnology of University of Insubria 
collaborated at the MetaExplore project in the isolation, heterologous expression and 
characterisation (in conventional and alternative hosts) of metagenome-sourced enzymes, 
followed by their scale-up production.  
 
The following chapters report Material and Methods, Results and Discussion related to the 
experimental work performed for the MetaExplore project during the three years of my PhD 
course. For clarity, the work has been divided into three sections, for a total of five different 
papers written along my fellowship.  
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The first section, entitled “Heterologous expression and characterisation of metagenome-
sourced chitinases”, contains two papers concerning the heterologous production in the 
conventional host Escherichia coli and the biochemical, functional and structural 
characterisation of two chitinases, identified in the frame of the MetaExplore project in two 
different soil metagenomic libraries.  
 
In particular, the first paper High-level production and characterisation of a metagenome-
sourced chitobiosidase by Francesca Berini, Ilaria Presti, Fabrizio Beltrametti, Loredano 
Pollegioni, Sara Sjöling, Flavia Marinelli, presents the research work performed in 
collaboration with the School of Life Sciences of Södertörn University (Huddinge, Sweden) 
and with the company Actygea (Gerenzano, Varese, Italy), on the heterologous production 
of Chi18H8. This enzyme represents, to our knowledge, the first metagenome-derived 
chitinase to be expressed and fully characterised. Chi18H8 was identified during a previous 
collaboration with the Swedish group of Prof. Sara Sjöling in a metagenomic library 
originated from a suppressive soil for clubroot disease of cabbage. The mechanism behind 
soil suppressiveness is usually related to the increased number and/or activity of chitinolytic 
microorganisms, able to hydrolyse the chitinous hyphae of pathogenic fungi; hence, 
naturally-occurring suppressive soils are considered a promising source of novel chitinases. 
The initial expression of this chitobiosidase in E. coli in transcriptional fusion with the 
gluthathione-S-transferase tag, allowed the purification of few micrograms of protein, 
sufficient only for an incomplete characterisation of the enzyme. However, the antifungal 
properties against common plant phytopathogens revealed by these preliminary studies, 
suggesting a possible application of Chi18H8 as biocontrol agent, encouraged us to continue 
working on this enzyme. Therefore, during the first part of my PhD, I cloned chi18H8 gene in 
another expression system, in E. coli in the pET24b(+) plasmid, thus obtaining a protein in 
transcriptional fusion with an histidine examer tag. In this recombinant system, Chi18H8 was 
mainly accumulated into inclusion bodies in a prevalent inactive form. The development of a 
suitable and relatively easy solubilisation protocol, combined with the chitinase production 
scale-up both in the 3 L bench bioreactors of University of Insubria, and in the Actygea’s 30 L 
industrial bioreactor, allowed the recovery of high amounts of recombinant chitinase (more 
than 7 mg of protein per g of cells), sufficient for its complete biochemical and functional 
characterisation and also for future applications. The characterisation studies herein 
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performed highlighted that Chi18H8 is a metallo-chitobiosidase, highly stable in sub-acidic 
conditions and with a good solvent-tolerance, which, together with its antifungal behaviour, 
make this enzyme an interesting candidate for future industrial or agricultural applications. 
 
In the second chapter, Genetic screening of a metagenomic library derived from chitin-
amended agricultural soil produces a novel salt-tolerant chitinase by Mariana Silvia Cretoiu, 
Francesca Berini, Anna Maria Kielak, Flavia Marinelli, Jan Dirk van Elsas, the work done in 
collaboration with the group of Prof. van Elsas of the University of Groningen (Groningen, 
The Netherlands) is presented. A metagenomic library was constructed from a chitin-
amended disease-suppressive soil, and screened for genes encoding novel chitin-active 
enzymes. Hence, in this paper, the combined effect of natural suppressiveness and 
ecological enhancement (substrate enrichment) was evaluated with the aim to increase the 
efficiency of mining for desired chitinolytic enzymes with improved features. Among the five 
putative bacterial chitinase clones identified, chitinase 53D1 gene was selected for 
successive analysis. During my PhD, I managed to clone 53D1 in three different E. coli strains, 
either under the control of the inducible promoter of the commercial pET24b(+) and pCOLDI 
vectors, or under the control of its endogenous native promoter. The purified protein was 
characterised in terms of stability and activity, revealing that 53D1 is a metallo-
chitobiosidase, highly active also on complex substrates, in a wide range of pHs and 
temperatures. Remarkably, the enzyme proved to be halotolerant, a quite uncommon 
behaviour for a chitinolytic enzyme. These key properties of 53D1 make it an interesting 
candidate for the treatment of seafood wastes such as shrimp carapace. 
 
 
As described in the literature review, one of the major bottlenecks for the exploitation of 
metagenome-source biocatalysts and, generally speaking, for the high-level production and 
complete characterisation of candidate proteins, is their over-expression in microbial hosts. 
Protein production in the Gram-negative bacterium E. coli, the most used platform for 
recombinant protein expression, is often hampered by codon usage differences, cytotoxicity, 
inclusion bodies formation or inability to secrete the translated proteins. For this reason, a 
second goal of the MetaExplore project aimed at developing alternative cloning hosts, with 
different codon usages and higher protein secretion capacity than E. coli. The second section 
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of the present dissertation, entitled “Streptomyces spp. as alternative heterologous 
expression systems”, describes the employment of these Gram-positive filamentous 
bacteria for the successful expression of two proteins. Advantages of streptomycetes over E. 
coli include the innate secretion capacity, which reduces the risk of local accumulation of the 
over-expressed proteins and simplifies the purification procedures, the limited restriction-
modification system and the low endogenous protease activity, as well as the presence of 
natural mechanisms of genetic exchange.  
 
The third chapter includes the paper Streptomyces spp. as efficient expression system for a 
D,D-peptidase/D,D-carboxypeptidase involved in glycopeptide antibiotic resistance by Elisa 
Binda, Giorgia Letizia Marcone, Francesca Berini, Loredano Pollegioni and Flavia Marinelli, 
already published on BMC Biotechnology. VanYn is a protein involved in the mechanism of 
self-resistance in the uncommon actinomycete Nonomuraea sp. ATCC 39727, the natural 
producer of the glycopeptide antibiotic A40926, precursor of the second-generation 
dalbavancin. After being produced, purified and characterised in E. coli, in this work vanYn 
gene has been cloned and expressed in three microorganisms taxonomically closely related 
to Nonomuraea, the streptomycetes S. coelicolor A3(2) ΔvanRS, S. venezuelae ATCC 10595 
and S. lividans TK24, with a histidine examer tag added at the C- or N-terminus of the 
protein. The highest yield of protein expression and purification was achieved in S. 
venezuelae, from which it was possible to recover up to 12 mg of high-pure protein per litre 
of culture, a yield three fold higher than in E. coli. Also specific productivity was much higher 
than the one achieved in the Gram-negative host (1 mg of VanYn per g of cells in S. 
venezuelae, 0.13 mg/g cells in E. coli), thus confirming that streptomycetes are preferable 
hosts for VanYn heterologous production. Additionally, the work done confirmed the role of 
this D,D-peptidase/D,D-carboxypeptidase in reprogramming actinomycetes cell wall 
biosynthesis, thus conferring them an increased level of glycopeptide resistance. 
 
In the fourth chapter, Streptomyces lividans as host for the heterologous expression of a 
metagenome-sourced chitobiosidase by Francesca Berini, Ilaria Presti, Giorgia Letizia 
Marcone, Loredano Pollegioni, Flavia Marinelli, this streptomycete is presented as 
alternative candidate to E. coli for the expression of Chi18H8. Since streptomycetes possess 
a complex endogenous chitinolytic system, which could interfere with heterologous 
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chitinase production and detection, before proceeding with chi18H8 cloning, it was 
necessary to develop a method for the repression of these endogenous activities. Two 
different approaches were evaluated, the first one based on the metabolic repression by 
glucose added to the culture media, the second one involving the knock-out of the 
regulatory gene dasR. Once identified the best repression conditions, the chi18H8 gene was 
cloned in a multicopy plasmid under the control of a heterologous constitutive promoter 
not-repressed by glucose. Enzymatic activity and zymogram analysis confirmed that the 
recombinant protein was secreted in the extracellular broth, which significantly simplified its 
purification. However, the purification yield achieved (16.9 μg of protein per g of cells), even 
if comparable to the one obtained for Chi18H8 purification from the first E. coli expression 
system (21 μg/g cells), was significantly lower than the one achieved with enzyme 
solubilisation from the inclusion bodies, described in the first chapter of the dissertation. 
Nevertheless, even if in this case S. lividans TK24 cannot be considered competitive with E. 
coli for Chi18H8 high-level production for future applications, the protein secretion into 
culture medium, the easy purification procedure, as well as the possibility to significantly 
repress the endogenous chitinolytic system by simply adding glucose to the culture, make 
this microorganism an interesting and valuable candidate for the expression of other 
metagenome-sourced chitinases, worthy of further exploration. 
 
 
In the last section, called “Chitinolytic enzymes as biocontrol agents”, the possibility to 
employ these hydrolytic enzymes as alternatives to traditional chemical-based pesticides is 
evaluated.  
 
The paper Effect of Trichoderma viride chitinases on the peritrophic matrix of the 
silkworm, Bombyx mori, by Francesca Berini, Silvia Caccia, Morena Casartelli, Terenzio 
Congiu, Eleonora Franzetti, Flavia Marinelli, Gianluca Tettamanti (chapter five of this thesis) 
deals with the study of the effect exerted by fungal chitinolytic enzymes on the peritrophic 
membrane of Lepidoptera. This acellular sheath that lines the midgut epithelium of most 
insects consists of a network of chitin fibrils associated with different proteins and 
glycoproteins and plays fundamental roles in insect digestion. Its chitin network is 
considered a possible target for the development of innovative strategies for integrated pest 
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management but, even if the employment of chitinases of viral, bacterial and plant origin 
have been already exploited for this purpose, fungal chitinases represent a still 
underexplored and promising resource. For this reason, during my PhD I worked on the 
biochemical characterisation of a commercial mixture of chitinolytic enzymes purified from 
the fungus Trichoderma viride, whose substrate specificity, pH and temperature optimum, as 
well as long-term stability were evaluated as premise for their subsequent application. In 
vitro effects of the fungal chitinase on the structure and permeability of the peritrophic 
membrane were then analysed and the results demonstrate the efficacy of these fungal 
chitinolytic enzymes as possible sustainable and environment-friendly alternatives to 
traditional chemical pesticides.  
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Abstract 
Metagenomic approaches provide access to environmental genetic diversity and allow the 
discovery of novel valuable biocatalysts for biotechnological applications. One of the major 
bottlenecks is the set-up of suitable expression and purification procedures, essential for the 
high-level production of metagenome-sourced enzymes, their complete characterisation and 
subsequent industrial exploitation. In this work, we report on the expression in E. coli of a 
chitinase, Chi18H8, previously identified in a suppressive-soil metagenomic library. A fast, 
robust and economically feasible protocol for the recombinant protein recovery from 
inclusion bodies was developed, followed by its production scale-up in a pilot scale 
industrial-bioreactor. With a prevalent activity at acid pH and mesophilic temperatures, 
Chi18H8 is a metallo-chitobiosidase, whose activity and structure are influenced by several 
metal ions and detergents. The long-term stability in acidic environments, the high solvent 
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tolerance, as well as the antifungal properties, make this enzyme an interesting candidate 
for both biotechnological and agricultural exploitations. 
 
 
Keywords: chitinase, heterologous expression, inclusion bodies, biocontrol agent  
 
 
Introduction 
Chitin is an unbranched and insoluble biopolymer, composed of repeated units of N-
acetylglucosamine (GlcNAc) and widely distributed in nature, for instance in the fungal cell 
walls and in the exoskeleton of arthropods and crustaceans, as well as in certain algae, 
molluscs, yeasts and nematodes [1, 2]. Most of the natural degradation of chitin has 
microbial origin, and bacteria and fungi have developed systems for the depolymerisation, 
transport and metabolism of this polysaccharide, usually including multiple chitinolytic genes 
acting in synergistic and consecutive manner [3, 4]. Based on the catalytic specificity, 
chitinolytic enzymes can be classified in: (i) endochitinases (EC 3.2.1.14), which produce 
multimers of GlcNAc by randomly cleaving chitin at internal sites; (ii) chitobiosidases (EC 
3.2.1.29), which catalyse the release of soluble dimers starting at the non-reducing end of 
chitin microfibril; and (iii) β-(1,4) N-acetyl glucosaminidases (EC 3.2.1.30), which cleave the 
oligomeric products of endochitinases and chitobiosidases, thus generating monomers of 
GlcNAc [5]. Alternatively, chitin can be deacetylated to chitosan by the action of chitin 
deacetylases (EC 3.5.1.14), followed by its conversion by chitosanases (EC 3.2.1.132) to 
glucosamine residues. According to the classification system firstly proposed by Henrissat in 
1991 [6], most of bacterial chitinases belong to family 18 of glycosyl hydrolases and can be 
further grouped into three subcategories from A to C, on the basis of the amino acid 
sequence similarity of their catalytic domains, the modular structure and enzymatic activities 
[2, 5].  
The growing interest for chitinolytic enzymes in biotechnology is based on their wide range 
of applications, from medical purposes and waste recycling, to the production of single cell 
proteins, fungal protoplasts and biofuels. Additionally, chitinases can be employed as 
environment-sustainable biocontrol agents of chitin-containing plant pathogenic fungi and 
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insects pests, as well as for the industrial production of value-added chitin derivatives, 
including chitooligosaccharides, chitosan and glucosamines, with high pharmaceutical and 
nutritional potential [2]. Microorganisms, the primary degraders of chitin in the 
environment, are a particularly rich source of valuable chitin-modifying enzymes [3]. Indeed, 
conventional molecular and functional screening approaches have been employed for the 
identification of bacterial chitinase genes in different environmental samples, within both 
aquatic and soil habitats [7, 8]. Microbial unculturability under standard laboratory 
conditions, however, greatly hinders the number of microorganisms and, therefore, of 
microbial genes and enzymes, that may be identified by traditional approaches. 
Metagenomics circumvents the need of microbial cultivation and hence represents a 
powerful and promising tool for the identification of novel valuable biocatalysts otherwise 
encrypted in natural microbial communities [9]. Nevertheless, to date only a few 
investigations have focussed on metagenomic approaches for discovering innovative 
chitinase sequences [10-14] and in most of these studies the protein product was not 
characterised or even not expressed and purified. It is in fact commonly reported that the 
current persistent bottleneck occurring in the metagenomic exploitation is the heterologous 
expression of genes of unknown origin in the commonly used microbial hosts [9]. 
In a previous study we investigated the construction and functional screening of a 
suppressive soil metagenomic library, which led to the identification of a novel bacterial 
chitobiosidase, named Chi18H8, endowed with an interesting antifungal activity against 
several important crop pathogens [15]. Due to the extremely low production and 
purification yield (21 μg/g cells, from Escherichia coli BL21(DE3)/pGEX-6P-3::chi18H8), it was 
not possible to proceed with its complete biochemical characterisation and its evaluation as 
a potential antifungal biocontrol agent. In this paper, we report on the development of a 
process for the high-level production of Chi18H8 and its high-yield purification from E. coli 
inclusion bodies (IBs). Thanks to this work, the Chi18H8 biochemical and functional 
characterisation was completed.  
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Materials and methods 
chi18H8 cDNA sub-cloning 
E. coli DH5α, used for the cloning procedures, was purchased from Invitrogen-Life 
Technology, Carlsbad, USA. The cDNA encoding for the chitobiosidase Chi18H8 [15] was 
cloned into the pET24b(+) expression plasmid (kanamycin resistance; Novagen Inc., Madison, 
USA) using EcoRI and XhoI restriction sites. This plasmid allows a polyhistidine Tag (His6-Tag) 
addition at the C-terminus of the protein. Cloning and transformation procedures were 
controlled by DNA sequencing (BMR Genomics, Padua, Italy). The construct was finally 
transformed into E. coli BL21 StarTM(DE3) (Invitrogen-Life Technology, Carlsbad, USA). 
Recombinant E. coli strains were maintained on Luria Broth (Miller’s modification) agar plate 
(LB: 10 g/L tryptone, 5 g/L yeast extract, 5 g/L NaCl. For solidification, 15 g/L agar were 
added) supplemented with 50 µg/mL kanamycin. 
 
Chi18H8 expression 
Protein expression was carried out in the following media, supplemented with 50 µg/mL 
kanamycin: LB; terrific broth (TB: 12 g/L tryptone, 24 g/L yeast extract, 9.4 g/L K2HPO4, 2.2 
g/L KH2PO4, 8 g/L glycerol); super broth (SB: 32 g/L tryptone, 20 g/L yeast extract, 5 g/L 
NaCl); autoinduction media A and B. Autoinduction medium A composition was based on 
[16]. The composition of autoinduction medium B was as follows: 10 g/L tryptone, 5 g/L 
yeast extract, 3.3 g/L (NH4)2SO4, 6.8 g/L KH2PO4, 7.1 g/L Na2HPO4, 0.5 g/L glucose, 2 g/L α-
lactose, 0.15 g/L MgSO4, 2 mg/L CaCl2, 2 mg/L MnSO4 x H2O, 2 mg/L ZnSO4, 2 mg/L CoCl2, 2 
mg/L CuCl2 x 2 H2O, 2 mg/L NiCl2, 2 mg/L NH4MoO4, 2 mg/L FeCl3. Trace element (MgSO4, 
CaCl2, MnSO4 x H2O, ZnSO4, CoCl2, CuCl2 x 2 H2O, NiCl2, NH4MoO4, FeCl3) stock solutions were 
sterilised by filtration (0.2 µm) and stored at 4 °C. All reagents were from Sigma-Aldrich, St 
Louis, USA, unless otherwise stated. 
Starter cultures were prepared from a single recombinant E. coli colony in 10 mL LB medium 
supplemented with 50 µg/mL kanamycin, grown overnight (O.N.) at 37 °C and 200 
revolutions per minute (rpm). Baffled 300 mL Erlenmeyer flasks containing 50 mL of the 
different media were inoculated with the starter culture (initial OD600nm = 0.1) and further 
incubated as before. For LB, TB and SB media, protein expression was induced by adding 0.4 
mM isopropyl β-D-thiogalactopyranoside (IPTG) to cells at different growth phases (early- or 
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late-exponential growth phases), as determined by growth curve construction. After 
induction, the cells were cultured at various temperatures (37 °C, 25 °C or 20 °C) at 200 rpm. 
Cells were harvested at regular time intervals by centrifugation (1900 x g for 30 min at 4 °C). 
Supernatants (i.e. the cell-free fermentation broths) were treated with 10% (v/v) 
trichloroacetic acid. Cell pellets were instead sonicated on ice (3-5 cycles of 30 s each, with a 
30-s interval, using a Branson Sonifier 250, Danbury, USA) in phosphate buffer saline (PBS) 
pH 7.3 (140 mM NaCl, 2.7 mM KCl, 10.1 mM Na2HPO4, 1.8 mM KH2PO4) containing 10 µg/mL 
deoxyribonuclease (DNase), 0.19 mg/mL phenylmethylsulfonylfluoride (PMSF) and 0.7 
mg/mL pepstatin. Soluble and insoluble fractions were then separated by centrifugation at 
20000 x g for 1 h at 4 °C. Insoluble fractions (containing membrane and IBs) were re-
suspended in a volume of PBS equal to the corresponding cytoplasmic soluble fraction (2 
mL/g cells) for successive analyses. Protein concentration was determined by the Biuret 
assay [17]. 
 
Chi18H8 solubilisation from IBs and purification 
For Chi18H8 solubilisation, E. coli BL21 StarTM(DE3)/pET24b(+)::chi18H8 cells were grown 
O.N. at 37 °C and 200 rpm in 300 mL baffled Erlenmeyer flasks containing 80 mL of LB and 50 
µg/mL kanamycin. Starter cultures (initial OD600nm = 0.1) were inoculated in 2 L Erlenmeyer 
flasks with 750 mL LB medium with the selective antibiotic, incubated at 37 °C and 200 rpm. 
IPTG was added to a final concentration of 0.4 mM during early exponential growth phase 
(OD600nm ~0.6). Cells were harvested after O.N. incubation at 20 °C and 200 rpm and washed 
with sodium chloride-tris-EDTA (STE buffer: 10 mM Tris-HCl pH 8.0, 1 mM EDTA, 100 mM 
NaCl). Protein solubilisation from IBs was achieved with a protocol modified from [18]. 
Briefly, E. coli cells were re-suspended in 50 mM Tris-HCl pH 8.0, 25% (w/v) sucrose, 1 mM 
EDTA (5 mL/g cells) and incubated for 30 min at room temperature under vigorous shaking. 
After sonication on ice (6 cycles of 30 s each, with a 30-s interval), 5 mL/g cells of 0.2 M NaCl, 
1% (v/v) sodium deoxycholate (DOC) and 1% (v/v) Nonidet P-40 were added. The sample 
was further incubated as above and centrifuged (20000 x g at 4 °C for 30 min). The pellet 
was washed with 1% (v/v) Triton X-100 and 1 mM EDTA (10 mL/g cells), followed by 
centrifugation at 12000 x g at 4 °C for 10 min; the procedure was repeated twice. The IBs 
were then washed with 10 mL/g cells deionised water and stored O.N. at –20 °C. Finally, the 
pellet was re-suspended in 10 mM lactic acid (10 mL/g cells) and incubated at 37 °C and 200 
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rpm for 5 h. Non-solubilised material was removed by centrifugation at 1900 x g at 4 °C for 5 
min. The solubilised protein was then dialysed O.N. against 100 mM sodium acetate buffer 
pH 5.0 or 100 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) pH 5.6. 
Further purification of Chi18H8 was achieved by a negative purification method with 
hydrophobic interaction chromatography (HIC). Samples of the enzyme suspended in 100 
mM HEPES pH 5.6 were loaded onto the weak anionic exchanger Diaion WA11 resin 
(Resindion s.r.l., Milan, Italy) used in HIC conditions. The resin has a polyacrylate matrix, 
tertiary amine anion exchanger, particle size of 0.4-0.6 mm and a loading capacity of 1.4 
meq/mL. Pilot experiments were performed with 1 mL resin (wet volume) loaded on 3 mL 
columns; columns were gravity operated at room temperature. For large scale purification, a 
4.5 cm diameter Amicon column was loaded with 40 mL of WA11 resin and was operated at 
a flow of 20 mL/min, with a BÜCHI Pump Manager C-615 (BÜCHI, Oldham, UK) coupled with: 
a Pump Module C-605; a Knauer variable wavelength UV detector; and a Fraction Collector 
BÜCHI 684. The resin was activated with methanol/water 1:1 and then equilibrated with 100 
mM HEPES pH 5.6; proteins were separated with an isocratic method using 100 mM HEPES 
pH 5.6/ethanol 50% (v/v). 
Chi18H8 concentration was estimated using the theoretical extinction coefficient at 280 nm 
(77015 M-1cm-1), based on the amino acid sequence of the protein. 
 
Scale up in 3 L and 30 L bioreactors 
300 mL flask cultures of recombinant E. coli cells, grown O.N. in LB medium supplemented 
with 50 µg/mL kanamycin, were used to inoculate (initial OD600nm = 0.1) a 3 L P-100 Applikon 
glass reactor (height 25 cm, diameter 13 cm) equipped with a AD1030 biocontroller and 
AD1032 motor, containing 2 L LB and kanamycin (50 µg/mL). Cultivation in fermenter was 
carried out at 37 °C, with stirring at 500 rpm (corresponding to 1.17 m/s of tip speed) and 2 
L/min aeration rate. Dissolved oxygen (measured as % of the initial pO2 value) and pH value 
of the culture broths were monitored respectively using an Ingold polarographic oxygen 
electrode and a pH meter. Foam production was controlled by adding Antifoam SE-15 
(Sigma-Aldrich, St Louis, USA) through an antifoam sensor. When the cell density reached an 
OD at 600 nm of 0.6, recombinant protein production was induced by adding 0.4 mM IPTG. 
Cultivation was then continued O.N. at 20 °C and 500 rpm.  
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For the fermentation at the 30 L scale, the vegetative inoculum was prepared by inoculating 
fresh E. coli BL21 StarTM(DE3)/pET24b(+)::chi18H8 slants in ten 1 L baffled flasks, each 
containing 300 mL LB supplemented with 50 µg/mL kanamycin and grown O.N. at 37 °C and 
220 rpm. 3 L of pre-culture were used to inoculate a 30 L stirred fermenter, containing 27 L 
of selective LB medium. The culture was grown at 37 °C and 300 rpm, with constant 1.0 vvm 
aeration rate and pressure at 0.5 Bar, up to an OD600nm ~0.6 and then induced with 0.4 mM 
IPTG. Growth was allowed for further 16 h after induction at 20 °C.  
 
SDS-PAGE electrophoresis and zymogram analysis 
Proteins samples were separated by sodium dodecyl sulphate - polyacrylamide gel 
electrophoresis (SDS-PAGE) with 12% (w/v) polyacrylamide gels, using a Tris-glicine system 
and Coomassie brilliant blue R-250 staining as described in [19]. Chitobiosidase production 
was estimated through densitometric analysis of SDS gel bands with the software Quantity 
One (Bio-Rad Laboratories, Hercules, USA) and His6-glycine oxidase (His6-GO) from Bacillus 
subtilis, gently provided by Loredano Pollegioni, University of Insubria [20], as standard. The 
molecular weight markers were from GE-Healthcare Sciences, Little-Chalfont, UK. 
Chitinolytic activity was detected through zymogram analysis using 10% (w/v) separating 
polyacrylamide gels containing 0.7 mg/mL carboxymethyl-chitin-remazol brilliant violet (CM-
chitin-RBV, Loewe Biochemica, Sauerlach, Germany) [15, 21].  
 
Chi18H8 activity measurement 
Chi18H8 activity was assayed with the fluorimetric chitooligosaccharide analogues 4-
methylumbelliferyl N-acetyl-β-D-glucosaminide (4-MU-GlcNAc), 4-methylumbelliferyl N,N’-
diacetyl-β-D-chitobioside (4-MU-(GlcNAc)2) and 4-methylumbelliferyl N,N’,N’’-triacetyl-β-D-
chitotrioside (4-MU-(GlcNAc)3) as substrates as reported in [15]. One unit (U) of Chi18H8 
activity was defined as the amount of enzyme required for the release of 1 µmole of 4-MU 
per min at 37 °C [15, 22]. 
Chitinolytic activity was determined also on colloidal chitin by the colorimetric method 
described by Anthon and Barrett [23] adapted to enzymatic hydrolysis. Colloidal chitin was 
prepared by the method reported in [24], starting from chitin flakes from shrimp shells 
(Sigma-Aldrich, St Louis, USA). 250 μL of protein sample were added to an equal volume of 
10 g/L colloidal chitin, and the mixture was incubated at 37 °C for 1 h. The reaction was 
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quenched by boiling for 5 min and then centrifuged (20000 x g, 25 °C, 15 min); 200 μL of the 
supernatant were mixed with equal volumes of 0.5 M NaOH and MBTH reagent [23]. After 
15-min incubation at 80 °C, 400 μL of a solution containing 0.5% (w/v) FeNH4(SO4)2 x 12 H2O, 
0.5% (w/v) sulfamic acid and 0.25 M HCl were added and allowed to cool to room 
temperature. Subsequently, 1 mL water was added and absorbance at 620 nm (A620) 
determined. The released reducing sugars were estimated by comparison of A620 to a 
standard curve prepared with GlcNAc concentrations from 0 to 600 μM. One U of Chi18H8 
activity was defined as the amount of enzyme that released 1 μmol/mL GlcNAc per mL per h 
at 37 °C. 
 
Effect of pH and temperature on the enzyme activity 
The optimum pH for Chi18H8 activity on the substrate 4-MU-(GlcNAc)2 was determined with 
the fluorimetric assay above described with the following buffers (each 100 mM): glycine-
HCl (pH 3.0), sodium acetate (pH 4.0 and 5.0), sodium phosphate (pH 6.0 and 7.0), Tris-HCl 
(pH 8.0) and sodium pyrophosphate (NaPPi, pH 9.0). The optimum temperature was 
calculated with the same fluorescent assay, incubating the reaction mixture at various 
temperatures (from 5 to 70 °C). Moreover, the influence of pH on Chi18H8 activity on CM-
chitin-RBV was verified with zymogram analysis as previously illustrated, equilibrating the gel 
in the above listed buffers at different pHs. Long-term stability of the enzyme was tested by 
pre-incubating the chitobiosidase at 30 °C and at different pHs (in sodium acetate pH 5.0 and 
sodium phosphate pH 6.0 and 7.0, all 100 mM). The residual chitinolytic activity was 
fluorimetrically assayed on 4-MU-(GlcNAc)2 from 0 to 144 h, incubating the reaction mixture 
at the same pH at which the enzyme was pre-treated. 
 
Effect of metal ions, alcohols, detergents and other compounds on the enzyme activity 
The effect of metal ions [Ca2+ (CaCl2 x 2 H2O), Cu2+ (CuCl2 x 2 H2O), Fe3+ (FeCl3 x 6 H2O), K+ 
(KCl), Mg2+ (MgCl2 x 6 H2O), Mn2+ (MnCl2 x 4 H2O), Ni2+ (NiCl2 x 6 H2O), NH4 (NH4Cl), Zn2+ 
(ZnCl2), Co2+ (CoCl2 x 6 H2O)], enzyme inhibitors [dithiothreitol (DTT), β-mercaptoethanol], 
the chelating agent EDTA, detergents [SDS, Triton X-100, Tween-20, DOC, N-lauroylsarcosine 
(NLS), Nonidet-40], organic solvents [ethanol, methanol, propanol, dimethyl sulfoxide 
(DMSO)], sugars [GlcNAc, chitobiose] and increasing concentrations of salt (up to 2 M NaCl) 
on Chi18H8 activity was investigated by adding each compound to the fluorimetric assay 
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mixture. Final assayed concentrations were: 20 mM for each metal ions and EDTA, 10 mM 
for sugars, 10% (v/v) for organic solvents, 5% (v/v) for β-mercaptoethanol and DTT, 1% (w/v) 
for detergents. Inhibition was calculated in percentage to the activity recorded in the 
absence of inhibitors.  
 
Circular dichroism measurement 
Far-UV spectra were recorded at 15 °C with a Jasco J-715 polarimeter (Jasco, Easton, USA) 
equipped with a temperature programmer, in the 195-250 nm wavelength range. Protein 
samples of 0.1 mg/mL in 10 mM HEPES pH 5.4 were employed, and the measurements 
corrected for buffer contribution. Secondary structure fractions were calculated from 
deconvolution of the CD spectra with the program k2d3 (http://k2d3.ogic.ca//index.html) 
[25]. 
 
 
Results 
Recombinant protein expression 
chi18H8 cDNA (G+C ratio 64.4%) was cloned into the pET24b(+) expression plasmid in E. coli 
BL21 StarTM(DE3) cells, under the control of the IPTG-inducible T7 promoter. This construct 
encodes for a 425-amino acid protein carrying an additional histidine examer-Tag (His6-Tag) 
at the C-terminus, with a predicted molecular mass of 46.78 kDa and an isoelectric point of 
7.82.  
Chi18H8 expression was at first investigated in LB medium, adding 0.4 mM IPTG during early 
exponential growth phase (OD600nm ~0.6) and harvesting the cells at regular intervals, from 0 
h to O.N. incubation at 37 °C. Under these conditions, a protein band at the expected 
molecular mass for the recombinant chitobiosidase was detectable in the insoluble fractions 
collected after cell sonication, being only faintly visible in the corresponding soluble fractions 
(Figure 1). Consistently, the same band was not detected in the negative control (i.e., E. coli 
cells harbouring the pET24b(+) vector without an insert). As reported in Figure S1A, 
Appendix 1 Supplementary Materials, Chi18H8 production in the insoluble fraction slightly 
increased with time, reaching 2.7 mg/g cells (corresponding to 32 mg/L fermentation broth) 
after O.N. incubation. Indeed traces of chitobiosidase activity were detectable only into the 
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soluble fractions, indicating that the recombinant protein loses its biological activity when 
accumulated into IBs. The reduction of incubation temperature to 25 and 20 °C increased 
the production of the recombinant protein into the insoluble fraction (up to ca. 10 mg/g 
cells, corresponding to 55 mg/L fermentation broth after O.N. incubation) (Figure S1B&C, 
Appendix 1 Supplementary Materials), but yet no clear band at the expected molecular mass 
was detectable by SDS-PAGE into the soluble cytoplasmic fraction (data not shown). In these 
conditions, the sensitive fluorimetric assay revealed more chitobiosidase activity into the 
soluble cytoplasmic fraction than into the insoluble fraction (Figure S1B&C, Appendix 1 
Supplementary Materials), indicating that most of the enzyme is packed into IBs as inactive. 
Even lower levels of Chi18H8 activity were observed in the other tested growth conditions, 
for example by inducing protein expression during late exponential growth phase (OD600nm 
~2.5) or replacing the LB medium with the richer TB and SB media or with the two defined 
autoinduction broths (data not shown). 
 
Chi18H8 solubilisation from IBs and purification 
Since when recombinant E. coli cells were incubated at 20-25 °C, some residual chitinolytic 
activity was detectable from the insoluble fraction (Figure S1B&C, Appendix 1 
Supplementary Materials), we thought that it could be worthy trying Chi18H8 recovery from 
IBs. Thus, a screening of different protocols for protein solubilisation was applied to IBs 
collected by centrifugation. Chi18H8 recovery was initially attempted by using strong 
denaturing agents like urea, guanidium hydrochloride or guanidium thiocyanate, combined 
with detergents, reducing agents or chelating agents, followed by refolding via dialysis [26]. 
The yield of protein solubilisation increased with the denaturing agent concentration. 
However, refolding steps often resulted into protein aggregation/precipitation and finally 
the protein samples obtained after the dialysis were biologically inactive (data not shown). 
Since protein aggregation during refolding could be due to the exposure of hydrophobic 
amino acid stretches caused by high concentration of chaotropic agents [27, 28], milder 
solubilisation conditions of IBs were attempted to better preserve the existing native-like 
secondary structure and reduce the chance of aggregation during the solubilisation process 
[28, 29]. Protocols thus were based on the use of detergents [30], or alkyl alcohols [29], or 
extremely basic [31] or acid pH [18]. Only the last one (i.e., solubilisation under extremely 
acid conditions using HCl or lactic acid) allowed a high-yield recovery of active Chi18H8. 
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Table S1 in Appendix S2 of Supplementary Materials shows that the highest solubilisation 
yield (>90%) was achieved with IBs re-suspension in 10 mM HCl. However, when IBs were 
solubilised in 10 mM lactic acid, the recovered protein had a higher specific activity, up to 
40.7 U/mg. The electrophoretic analysis of the solubilised protein revealed that it was about 
70% pure (Figure 2, panel A and Table 1).  
To further purify the recombinant chitobiosidase, different precipitation methods and 
chromatographic procedures were evaluated. The addition of different salts (NaCl, KCl, 
MgCl2, NH4(SO4)2), different concentrations of ethanol as well as the chitinase substrate CM-
chitin-RBV, led to the co-precipitation of the enzyme and contaminating proteins, showing 
no apparent advantage for a selective precipitation (data not shown). Purification of the 
chitobiosidase by ion exchange chromatography (IEC), affinity chromatography (AC) and 
hydrophobic interaction chromatography (HIC) was then evaluated, using resins and 
conditions reported in Table S2 in Appendix S2 of Supplementary Materials. In most of the 
conditions, the recombinant enzyme did not bound to the resins, in some cases it 
precipitated and, in general, it was inactive if the pH was increased above 7.0. Finally, with 
the weak anionic exchanger WA11 resin used in HIC conditions, most of the contaminating 
proteins were retained by the resin, whereas Chi18H8 was recovered in the flow through, 
allowing a negative purification of the enzyme. Protein recovery was estimated to be of 
about 70% (Table 1). The analysis of the purified protein by SDS-PAGE revealed that it was 
>95% pure (Figure 2, panel A). Zymogram analysis on carboxymethyl chitin confirmed the 
chitinolytic activity of the enzyme (Figure 2, panel B). 
 
Chi18H8 production in 3 L bench- and 30 L industrial-bioreactors 
Chi18H8 production was scaled-up in 3 L and 30 L bioreactors, where E. coli BL21 
StarTM(DE3)/pET24b(+)::chi18H8 cells were grown in the conditions previously optimised at 
flask level. Figure 3 shows, as example, the time course of growth and Chi18H8 production in 
the 3 L bench-fermenter. Maximum protein production was 9.09 mg/g cells (corresponding 
to 75 mg/L) and 12.9 mg/g cells (equal to 80 mg/L) for the 3 L and 30 L bioreactors 
respectively, higher than the one obtained at flask level (Table 2). The subsequent IBs 
solubilisation with 10 mM lactic acid allowed in both cases the recovery of bioactive 
Chi18H8, with a yield >65% and a specific activity on 4-MU-(GlcNAc)2 of 52.17 U/mg and 48.4 
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U/mg, respectively (Table 2). The SDS-PAGE analysis of the solubilised proteins revealed that 
they were about 70% pure, similarly to the results obtained in flasks (data not shown). 
Also the negative method of purification by HIC with the weak anionic exchanger WA11 resin 
turned out to be scalable and suitable for the production of Chi18H8: 135 mL of solubilised 
Chi18H8 in 100 mM HEPES pH 5.6 were loaded onto a 40 mL WA11 resin and separated with 
an isocratic method, as described in the Material and Method section. The recovery yield 
was approximately 70% and the final purity rose to >95%. These results demonstrate that 
the protocols developed for Chi18H8 production, solubilisation from IBs and purification 
could be easily scaled-up. 
 
Chi18H8 characterisation 
Substrate specificity 
Chi18H8 substrate specificity was measured using three different-length analogues of 
natural chitooligosaccharides and colloidal chitin. Chi18H8 showed a prevalent 
chitobiosidase activity (40.7 U/mg), a weaker endochitinase activity (7.5 U/mg) and no β-N-
acetyl-glucosaminidase activity. Moreover, the enzyme was able to hydrolyse colloidal chitin, 
with an estimated activity of 0.41 U/mg.  
 
pH and temperature profile 
The effect of pH on Chi18H8 was calculated using 4-MU-(GlcNAc)2 as substrate. The 
optimum pH for the enzyme was between 5.0 and 6.0; only 15.3% of the chitinolytic activity 
was maintained at pH 7.0, whereas no activity was detected at pH 3.0 and 4.0 and above pH 
8.0 (Figure 4, panel A). The effect of pH on Chi18H8 activity on CM-chitin-RBV was also 
verified by equilibrating the zymogram gel in buffers at different pHs: the enzyme was able 
to hydrolyse the substrate only between pH 5.0 and 7.0, being any degradation halo absent 
at other pHs (Figure 4 panel C). 
The optimum temperature on 4-MU-(GlcNAc)2 was between 35 °C and 40 °C. More than 55% 
and 10% of the activity was retained at 25 and 15 °C, respectively (Figure 4, panel B). The 
long-term stability of Chi18H8 was investigated by measuring the residual activity on the 
substrate 4-MU-(GlcNAc)2 up to 144 h of pre-incubation of the enzyme in buffers at different 
pHs (5.0, 6.0 and 7.0) at the optimal temperature of 30 °C. When the recombinant 
chitobiosidase was pre-incubated at pH 7.0, a complete loss of activity was registered within 
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24 h. At pH 6.0, the activity dramatically decreased to 5% of the initial one within 144 h. 
Finally, at pH 5.0 the chitobiosidase confirmed to be highly stable, retaining about 70% 
activity after 144 h (Figure 4, panel D). 
 
Influence of various compounds on Chi18H8 activity 
The effect of several elements was tested on Chi18H8 enzyme activity (Table 3). Among the 
metal ions, Cu2+, Fe2+, Mg2+, Mn2+, Ni2+, Zn2+ as well as the monovalent cation NH4+ reduced 
the hydrolytic activity of Chi18H8, with the strongest inhibition being caused by Cu2+ and 
Fe2+. On the contrary, Ca2+, K+ and Co2+ slightly increased the activity of the enzyme. An 
inhibitory effect was shown by the chelating agent EDTA, suggesting that Chi18H8 could be a 
metalloenzyme and that metal ions may be necessary for its catalytic activity. The enzyme 
inhibitors β-mercaptoethanol and DTT strongly reduced the chitinase activity. Among the 
detergents, SDS, NLS, Tween-20 and Triton X-100 showed a strong inhibitory effect, Nonidet 
P-40 had only a slight effect on the chitinolytic activity of Chi18H8, while DOC increased it. 
Chi18H8 was stable in the presence of organic solvents (10% (v/v) final concentration), being 
its activity only slightly reduced by them. NAG did not influence the hydrolytic activity of the 
enzyme, while 10 mM chitobiose slightly inhibited it. Chi18H8 activity was finally evaluated 
in the presence of increasing concentration of NaCl, up to 2 M: as show in Table 3, the 
enzyme is inhibited by high salt concentrations, retaining only 4.35% of its activity when 
incubated with 2 M NaCl. 
 
Circular dichroism 
Figure 5 shows the CD spectra in the far-UV region of the purified chitinase. The spectrum 
indicated a prevalence of β-sheets (~36.2%) and ~8.3% of α-helices (solid line). The addition 
of Ca2+ (dashed line) or Zn2+ (dotted line), respectively enhancer and inhibitor of Chi18H8 
activity, altered the spectrum of the protein: both ions did non influence significantly the 
composition of β-sheets (~36.4 and ~35.9% with Ca2+ and Zn2+, respectively), but reduced 
the α-helix content of the protein (~3.1 and ~2.6% with Ca2+ and Zn2+, respectively).  
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Discussion 
Metagenomic analysis is a powerful tool for accessing the genetic diversity encrypted in 
natural environments and for the discovery of novel chitinolytic enzymes useful for 
biotechnological applications [9, 32]. In our previous work, the screening of a fosmid 
metagenomic library of a suppressive soil for clubroot disease of cabbage resulted in the 
identification of a novel GH18 chitinase, called Chi18H8, with an interesting inhibitory 
activity against common phytopathogen fungi [15]. The complete characterisation of this 
enzyme was, however, hampered by the low purification yield: only 21 µg protein/g cells 
were purified from the soluble cytoplasmic fraction of the recombinant E. coli BL21 
(DE3)/pGEX-6P-3::chi18H8 strain, where the protein was mainly produced as inactive into 
the IBs. Indeed, the development of suitable expression systems for the over-expression of 
proteins, as well as the identification of efficient recovery and purification protocols, 
represent the major bottlenecks of a metagenomic approach.  
In this work we investigated Chi18H8 production in E. coli BL21 
StarTM(DE3)/pET24b(+)::chi18H8. Also in this system, Chi18H8 was mainly accumulated into 
the IBs, due to the high concentration of the produced recombinant protein into the 
cytoplasm (in the best conditions, more than 9 mg protein/g cells) and probably also due to 
the presence of an hydrophobic putative signal peptide mediating protein aggregation 
and/or membrane sticking. Soluble Chi18H8 production in the cytoplasmic fraction was 
slightly increased by lowering the incubation temperature after induction, as demonstrated 
for other recombinant proteins [33, 34], but the yield was too low for sustaining a scalable 
production process. Protein production was obtained also in two auto-induction broths [16], 
but even in these cases more than 95% of the produced recombinant protein (up to 0.4 
mg/g cells and 2.5 mg/g cells for autoinduction media A and B, respectively) was 
accumulated as inactive into IBs. 
Protein recovery from IBs could be tedious, time-consuming and not always effective in 
yielding native folded and active proteins [35]. Conversely, the protocol herein developed 
and optimised for Chi18H8 solubilisation is quite simple, being composed of few washing 
steps with detergents, followed by freezing and thawing, and re-suspension in lactic acid. 
Even if at such acid pH (around 2.5) Chi18H8 is not active, its refolding could be achieved by 
simple dialysis against appropriate buffers, like pH 5.0 sodium acetate. The solubilisation 
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yield obtained with this method is high (>80%) and the purity of the solubilised protein 
superior than 70%. Interestingly, Chi18H8 could not be recovered in an active form by using 
strong denaturing agents like urea or guanidium hydrochloride that are currently the most 
commonly employed agents for IBs solubilisation. Our work confirms that mild-solubilisation 
protocols, like the one herein developed, can be equally if not more efficient than those 
based on chaotropic agents. These mild methods preserve the existing native-like secondary 
structure of proteins and reduce the chance of protein re-aggregation during the refolding 
process [28, 29].  
The IBs solubilisation procedure was then coupled with a further purification step based on 
hydrophobic-interaction chromatography, that represents one of the most employed 
chromatographic methods for industrial purification of peptides and proteins [36]; it is in 
fact user-friendly and easy to scale-up at relatively low cost and many resins of different 
chemical composition are commercially available. Chi18H8 did not bind to most of the tested 
resins in the pH conditions required for its activity and solubility. Nevertheless, thanks to the 
ability of the weak anionic exchanger WA11 resin to retain most of the contaminating 
proteins, it was possible to recover in a single step the recombinant chitinase with a purity 
superior to 95%.  
Enzyme assays on chito-oligosaccharide analogues using the pure Chi18H8 confirmed its 
prevalent chitobiosidase activity, with optimum at acid pH and mesophilic temperatures 
[15]. Interestingly, the recombinant Chi18H8 was active not only on these synthetic 
analogues, commonly used for chitinolytic enzyme detection, but also on the complex 
substrate colloidal chitin. Moreover, preliminary experiments highlighted a prevalent endo-
type hydrolytic activity also on soluble chitosan (Kjell Morten Vårum, Norvegian University of 
Science and Technology, Trondheim, Norway; unpublished results).  
Chi18H8 is a metallo-enzyme, whose activity is significantly reduced in the presence of the 
chelating agent EDTA. Additionally, Chi18H8 activity is strongly inhibited by iron and copper 
and, to a minor extent, by manganese, nickel and zinc. Chitinolytic enzymes are usually 
particularly sensitive to iron, mercury and copper, even if some inhibitory effect has been 
recorded also for manganese, zinc, magnesium and calcium [37, 38]. Interestingly, Chi18H8 
activity is increased by calcium, as already proved for some other chitinolytic enzymes [39, 
40]. Ca2+ ions, by binding to the enzyme, are able to altering its secondary structure, as 
determined by circular dichroism analysis. Also the enhancing effect exerted by cobalt and 
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potassium on Chi18H8 activity, even if quite uncommon, has been already described for few 
chitinases (for cobalt [41, 42], for potassium [43]). The high solvent tolerance of Chi18H8 
suggests a possible origin of the enzyme from a solvent-tolerant microorganism and could be 
worth of further exploration for its application in non-aqueous solutions.  
Finally, production and purification of Chi18H8 was scaled up from shaken flasks to 3 L 
bench- and 30 L industrial pilot scale-bioreactors, giving comparable results in terms of 
recombinant E. coli biomass, Chi18H8 production, IBs solubilisation and negative HIC 
purification yields. The whole process (upstream and downstream) is robust and scalable 
and ca. 37 mg of pure active protein can be obtained from 1 litre of culture at the pilot scale 
of 30 L fermenter, supporting the further exploitation of the metagenome-sourced Chi18H8. 
The antifungal behaviour, long-term stability and solvent tolerance, make this enzyme an 
interesting and valuable candidate for both industrial and agricultural applications, worth of 
future investigation.  
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Figure legends  
Figure 1. SDS-PAGE analysis of E. coli BL21 StarTM(DE3) cells carrying pET24b(+) or 
pET24b(+)::chi18H8 plasmids, harvested after O.N. incubation at 37 °C in LB medium. From 
E. coli BL21 StarTM(DE3)/pET24b(+): soluble (lane 1) and insoluble (lane 3) fractions; from E. 
coli BL21 StarTM(DE3)/pET24b(+)::chi18H8: soluble (lane 2) and insoluble (lane 4) fractions. In 
each lane, samples corresponding to 0.5 mL of cell culture were loaded. Std: reference 
protein, His6-GO from Bacillus subtilis (2.5 μg, 42.66 kDa). 
 
Figure 2. SDS-PAGE (A) and zymogram (B) analysis of Chi18H8. C.E.: crude extract, raw 
enzyme after solubilisation from IBs with 10 mM lactic acid, loaded onto WA11 resin. 1, 2 
and 3: flow-through of purification. Std 1: SDS-PAGE reference protein, His6-GO from Bacillus 
subtilis (5 μg, 42.66 kDa). Std 2: Zymogram reference protein, chitinases from Trichoderma 
viride (Sigma-Aldrich, St Louis, USA). 
 
Figure 3. Chi18H8 production at 3 L bench-bioreactor scale. Panel A: Time course of pH (■, 
solid line), pO2 (●, solid line), temperature (, dashed line) and wet weight (, dotted line). 
Induction with 0.4 mM IPTG was performed 2 h after the inoculum when the OD600nm 
reached the value of ~0.6, and cells were harvested after 0, 1, 2, 4 h and O.N. from 
induction. Panel B: Chi18H8 production (mg protein/g cells wet weight) into insoluble 
fractions (grey bars) was determined by densitometric analysis of proteins separated 
through SDS-PAGE. Chitobiosidase activity was measured by fluorimetric assay on 4-MU-
(GlcNAc)2, either in the soluble cytoplasmic fractions of cells () or in the insoluble fractions 
(membrane and IBs)(●). 
 
Figure 4. Enzymatic properties of Chi18H8. Panel A: pH profile of Chi18H8, using 4-MU-
(GlcNAc)2 as substrate. Buffers used (final concentration 100 mM) were glycine-HCl (pH 3.0), 
sodium acetate (pH 4.0 and 5.0), sodium phosphate (pH 6.0 and 7.0), TrisHCl (pH 8.0) and 
sodium pyrophosphate (pH 9.0). Panel B: temperature influence on chitobiosidase activity 
on 4-MU-(GlcNAc)2. Assays were performed in 100 mM sodium acetate buffer pH 5.0. Panel 
C: effect of pH on Chi18H8 activity on CM-chitin-RBV. The zymogram was incubated O.N. in 
the following buffers (final concentration 100 mM): glycine-HCl (pH 3.0), sodium acetate (pH 
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4.0 and 5.0), sodium phosphate (pH 6.0 and 7.0), TrisHCl (pH 8.0) and sodium pyrophosphate 
(pH 9.0). Panel D: enzymatic stability of Chi18H8. The enzyme was pre-treated in 100 mM 
sodium acetate pH 5.0 (, solid line), sodium phosphate pH 6.0 (●, dashed line) or sodium 
phosphate pH 7.0 (, dotted line) for 144 h at 30 °C. At various time intervals, samples were 
withdrawn and the residual chitinolytic activity was fluorimetrically measured on the 
substrate 4-MU-(GlcNAc)2. In panel A, B and D, the activity is expressed as a percentage of 
the initial recorded activity and the values represent the mean of three experiments (mean ± 
standard error). 
 
Figure 5. Circular dichroism (CD) far-UV spectra of Chi18H8, alone (solid line) or with the 
addition of 20 mM Ca2+ (dashed line) and Zn2+ (dotted line). The concentration of Chi18H8 
was 0.1 mg/mL. 
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Figure 4  
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Tables 
Table 1. Purification of Chi18H8. Enzymatic activity was measured by fluorimetric assay on 4-
MU-(GlcNAc)2 
 
 
Total protein 
concentration 
(mg/mL) 
Volumetric 
activity 
(U/mL) 
Specific 
activity 
(U/mgtotal 
proteins) 
Purification 
(fold) 
Recovery 
(%) 
Recovery 
(mg/gcells) 
Inclusion bodies 6.25 0.94 0.15 1.00 100.00 9.38 
Raw Chi18H8 
solubilised from 
inclusion bodies 
1.02 29.06 28.49 189.90 82.00 7.70 
Purified 
Chi18H8 0.526 20.35 38.69 257.90 57.40 5.40 
 
 
Table 2. Comparison of Chi18H8 production and solubilisation from IBs in E. coli BL21 
StarTM(DE3)/pET24b(+)::chi18H8 cells grown in 2 L flasks, 3 L bench-bioreactor and 30 L 
industrial-bioreactor, induced in the early exponential growth phase (OD600nm ~0.6) with 0.4 
mM IPTG and harvested after O.N. incubation. Chi18H8 production (mg protein/g cells wet 
weight) into insoluble fractions and solubilisation yield were estimated by densitometric 
analysis of proteins separated through SDS-PAGE. Specific activity of the solubilised enzyme 
was measured by the fluorimetric assay on 4-MU-(GlcNAc)2 as substrate. 
 
 Cell weight (gcells/L) 
Chi18H8 
production 
(mg/gcells) 
Solubilisation 
yield (%) 
Specific 
activity 
(U/mg) 
Flask 4.0 9.38 > 80 40.7 
3 L bench-bioreactor 5.3 9.1 > 65 52.1 
30 L industrial-bioreactor 6.2 12.9 > 65 48.4 
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Table 3. Stability of Chi18H8 in the presence of different classes of compounds. The activity 
was measured on 4-MU-(GlcNAc)2 as substrate, at 37 °C in 100 mM sodium acetate pH 5.0.  
 
Compounds Final 
concentration  
Relative activity (%) 
Control  100 
Metal ions mM  
   Ca2+ 20 126.80 ± 0.83 
   Cu2+ 20 0.05 ± 0.00 
   Fe2+ 20 0.10 ± 0.88 
   K+ 20 124.22 ± 3.14 
   Mg2+ 20 86.43 ± 1.38 
   Mn2+ 20 49.91 ± 0.01 
   Ni2+ 20 64.32 ± 0.01 
   NH4+ 20 68.02 ± 7.65 
   Zn2+ 20 16.59 ± 2.03 
   Co2+ 20 119.60 ± 1.48 
EDTA 20 53.64 ± 0.01 
Enzyme inhibitors % (v/v)  
   Β-mercaptoethanol 5 1.14 ± 2.10 
   DTT 5 20.54 ± 6.73 
Detergents % (w/v)  
   SDS 1 0.00 ± 0.00 
   Triton X-100 1 72.22 ± 2.47 
   Tween-20 1 24.02 ± 3.60 
   DOC 1 120.43 ± 0.01 
   Nonidet P-40 1 91.04 ± 1.96 
   NLS 1 0.00 ± 0.00 
Sugars mM  
   NAG 10 104.10 ± 3.34 
   Chitobiose 10 81.97 ± 1.89 
Organic solvents % (v/v)  
   Ethanol 10 90.91 ± 2.46 
   Methanol 10 88.61 ± 2.34 
   Isopropanol 10 69.44 ± 1.96 
   DMSO 10 97.73 ± 14.4 
Salts M  
   NaCl 0.1 38.53 ± 1.83 
   NaCl 0.25 29.99 ± 8.05 
   NaCl 0.5 16.55 ± 0.09 
   NaCl 1  8.61 ± 0.37 
   NaCl 2  4.35 ± 2.52 
Value are mean ± SD from three independent experiments 
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Supplementary materials 
Appendix 1. Chi18H8 expression conditions 
 
 
 
Figure S1. Chi18H8 expression levels in E. coli BL21 StarTM(DE3)/pET24b(+)::chi18H8 recombinant 
strain. The recombinant strain was incubated at 37 °C (A), 25 °C (B) and 20 °C (C) after induction with 
0.4 mM IPTG and cells were harvested after 0, 1, 2, 4 hours and overnight (O.N.) from induction. 
Chi18H8 production (mg protein/g cells wet weight) into insoluble fractions (grey bars) was 
determined by densitometric analysis of proteins separated through SDS-PAGE. Chitobiosidase 
activity was measured by fluorimetric assay on 4-MU-(GlcNAc)2, either in the soluble cytoplasmic 
fractions of cells (■) or in the insoluble fractions (membrane and IBs)(●).  
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Appendix 2. Chi18H8 solubilisation from IBs and purification 
E. coli BL21 StarTM(DE3)/pET24b(+)::chi18H8 IBs were diluted in HCl or lactic acid, either 10 
or 100 mM and incubated at 37 °C under vigorous shacking for several hours. The results of 
the experiments are summarised in Table S1. The highest solubilisation yields (>90%) were 
achieved when IBs were re-suspended in 10 mM HCl. However, in 10 mM lactic acid the 
protein showed a higher specific activity, up to 40.7 U/mg.  
 
Table S1. Chi18H8 solubilisation from IBs in acid pH conditions. Solubilisation yield was estimated by 
densitometric analysis of proteins separated with acrylammide electrophoresis. The activity was 
measured on 4-MU-(GlcNAc)2 as substrate, at 37 °C in 100 mM sodium acetate pH 5.0. 
 
Solubilisation 
agent 
Concentration 
(mM) 
Solubilisation 
yield (%) 
Specific activity 
(U/mg Chi18H8) 
HCl 
10  93 29.6 
100 20 15.91 
Lactic acid 
10 82 40.7 
100 60 30.71 
Values are mean from at least three independent experiments 
 
Samples of the Chi18H8 solubilised from IBs in 10 mM lactic acid and then dialysed against 
100 mM HEPES pH 5.6, 10 mM calcium lactate pH 6.6, 50 mM sodium acetate pH 5.0 or 25 
mM sodium acetate pH 4.0, were used in pilot experiments for the identification of a 
suitable purification method. Table S2 reports the different resins, the chromatographic 
conditions and the results of enzyme activities measured with the fluorimetric assay (Hjort et 
al., 2014) in the flow through and in the eluate.  
Only the weak cationic exchanger P11 and the hydrophobic resin HP20SS were able to retain 
the recombinant chitobiosidase; however, in both the cases the enzyme was impossible to 
be eluted in an active form. For the other resins, the chitinolytic activity was mainly found in 
the flow-through together with most of the contaminating proteins. Only with the weak 
anionic exchanger WA11 resin used in HIC conditions, most of the contaminating proteins 
were retained by the resin, allowing a negative purification of the chitinase from the flow 
through. 
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§ The resin was used in HIC mode due to its styrenic matrix 
Table S2. Affinity chromatography (AC), ion exchange chromatography (IEC) and hydrophobic 
interaction chromatography (HIC) pilot experiments. Enzyme activity was measured on 4-MU-
(GlcNAc)2 as substrate, at 37 °C in 100 mM sodium acetate pH 5.0. 
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Abstract 
Metagenomes derived from soil constitute rich sources of genes that encode enzymes with 
novel characteristics. Biasing soils towards particular functions, e.g. chitin degradation, has 
been recommended as a strategy to improve metagenomic hit rates. Here, we report on the 
construction of a metagenomic library from a chitin-amended disease-suppressive 
agricultural soil and its screening for genes that encode novel chitin-active enzymes. The 
library, constructed in fosmids in an Escherichia coli host, comprised 145,000 25- to 40-kb 
insert clones, for a total of approximately 5.6 Gb of cloned soil DNA. Using genetic 
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screenings by repeated chiA gene specific PCR, we identified and characterised five putative 
bacterial chitinase genes. The analysis thus allowed access to the genomic context of these 
five genes. The five fosmids with a putative chiA-like gene contained 25-35 kb inserts, all 
producing chiA specific amplicons. Sequencing of the whole fosmid inserts resulted in the 
identification of four putative chitinase genes, next to one chitin deacetylase gene. De novo 
annotation followed by comparative genomics of the relevant fosmid regions revealed that 
the genetic environments of the putative chiA genes were all different. Remarkably, one 
novel chiA-like gene occurred in two different backgrounds, indicating genetic shufflings. 
Using fosmid 53D1, this gene was cloned in an expression vector in an Escherichia coli host, 
and brought to expression. On the basis of cultures of this producer organism, the protein 
was purified and characterised in terms of stability and activity. The 53D1 chitinase can be 
typified as a novel halotolerant chitobiosidase, revealing high activity as well as structural 
stability. 
 
 
Keywords: chitinase, fosmid library, functional metagenomics, suppressive soil 
 
 
Introduction 
Chitin and its derivatives constitute promising natural biopolymers, which are important for 
application in biomedicine, agriculture and the pharmaceutical industry. Particular features 
of chitins are their general biodegradability as well as lack of toxicity. Enzymes active on 
chitin and chitin oligomers, here denoted as chitinases, are of great interest for use in large-
scale modification or degradation of chitin moieties. Two main areas of application have 
been described, i.e. (1) the development of agents to antagonise chitin-containing 
phytopathogenic fungi or nematodes for application in agriculture, and (2) the use of 
chitinases as industrial biocatalysts for the production of chitin derivatives. Chitinases belong 
to the generic family of glycosyl hydrolases and have wide ranges of molecular weights (20-
115 kDa), optimal temperatures (18-90°C), pH (2.0-10.5) and pI values (3.5-8.0) 
(http://www.brenda-enzymes.org/). Specifically, all chitinases fall within the glycoside 
hydrolase (GH) families 18 and 19. Remarkably, the family-18 and -19 enzymes have 
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different structures and modes of action. Related to the structure of the catalytic domain 
and the position of the hydrolytic site on the polysaccharide chain, the chitinases show 
either endo- or exo-activity (1, 2). Clearly, chitinases are prevalent in the microbiota of 
basically all ecosystems on Earth, and highest quantities of chitin are turned over by 
microorganisms (bacteria and fungi) in marine and terrestrial settings (3, 4)  
The taxonomic diversity of soil microorganisms involved in the degradation of chitin has 
been sparsely investigated. It has been reported that diversity in the chitinolytic process was 
key to the functioning of the N cycle (5, 6, 7). Furthermore, chitin-degrading enzymes were 
shown to be involved in bacterial-fungal competition for plant root exudates in the 
rhizosphere (8). Moreover, in agricultural soils, the addition of chitin helps to enhance the 
suppressiveness against soil-borne pathogens by stimulating active chitinolytic microbial 
communities (9, 10, 11). 
Recent developments in metagenomics-based analyses of the soil microbiota have enabled 
the access to novel genes and useful biomolecules (12, 13, 14, 15). Furthermore, the use of 
ecological enhancement (substrate enrichment) may increase the efficiency of mining for 
enzymes with improved features (16, 17). Hence, a metagenomics approach with biased 
habitats to find novel chitinases is warranted. 
In the present study, we used a chitin-amended agricultural soil as a source of novel genes 
encoding chitin-degrading enzymes. We report the construction of a large-insert 
metagenomic library in fosmids in an Escherichia coli host. The library was subjected to PCR-
based screenings for genes encoding relatives of the (exochitinase) chiA gene. Whole fosmid 
inserts were then sequenced using next-generation-sequencing (Illumina) technology. The 
functional metagenomics analysis of soil enriched with chitin, as applied in this study, 
constitutes a key approach for the discovery of novel enzymes involved in the chitin 
metabolic pathway. 
 
 
Materials and Methods 
Soil samples 
Replicate soil samples were collected from the top 20 cm of an experimental agricultural 
field amended with chitin, located at the experimental farm “Vredepeel” in the southeast of 
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the Netherlands. The field has been used since 1990 by the Applied Plant Research Institute 
(PPO) to test and monitor diverse agricultural practices. The soil was amended with 1.8% of 
shrimp waste chitin (20 tons/ha, calculated over the top 20 cm). The soil was characterised 
as sandy, with pH 5.7±0.2 and 3.2% organic matter. Following collection, the soil samples 
were homogenised by sieving (2 mm pore size mesh sieve) and mixing, after which 10 g were 
subsampled for DNA extraction. 
 
Soil DNA extraction 
High molecular weight DNA for the construction of a metagenomic library was produced 
using a modification of the protocol previously described by van Elsas et al. (15). 10 g of soil 
were suspended in 10 ml extraction buffer (100 mM Tris-HCl, 100 mM 
ethylenediaminetetraacetic acid disodium salt (NaEDTA), 100 mM NaPO4, 1.5% NaCl, 1% 
CTAB, pH 8.0), vortex-mixed (5 s) and sonicated (water bath sonicator) for 15 min. After 
sonication, 100 μl of Proteinase K (10 mg/ml) were added, followed by 2 h incubation at 
37°C with gentle shaking (200 rpm). The solution was then subjected to extraction using 1 
vol. of phenol/chloroform/iso-amylalcohol (25:24:1) at 60°C for 30 min (in a water bath). The 
aqueous phase was obtained and DNA was precipitated with 2-propanol, followed by 
embedding in agarose plugs (1% low-melting-point agarose). The DNA was then subjected to 
pulsed-field gel electrophoresis (PFGE) on 1% agarose gel supplemented in the upper part 
with 2% polyvinyl pyrrolidone (PVP), in 0.5X Tris-Borate-EDTA (TBE). Conditions for 
electrophoresis were: 14°C (using a PFGE DRIII System; BioRad, Hercules, California, USA), 
gradient 6 V/cm, included angle 120°, initial switch time 0.5 s, final switch time 8.5 s, linear 
ramping factor 20 h. Following electrophoresis, 2-cm agarose fragments containing DNA in 
the size range 30-40 kb were cut out of gel, without staining or exposure to UV radiation. 
From the agarose cuts, DNA was recovered using β-agarase (New England Biolabs, Ipswich, 
UK) according to manufacturer’s protocol. 
 
Metagenomic library construction 
Construction of a metagenomic library was performed using the CopyControl Fosmid Library 
Production Kit (Epicentre, Madison, WI, USA). The metagenomic DNA was 5’-
phosphorylated, blunt-ended and subsequently ligated into the pCC1Fos vector. Escherichia 
coli EPI300-T1R (Epicentre, Madison, WI, USA) was then transformed with the ligation mix. 
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The transformed cells were plated on Luria-Bertani (LB) agar supplemented with 12.5 μg/ml 
chloramphenicol (positive selection of fosmid clones), which were incubated overnight at 
37°C. Following incubation, multiple colonies were found on the LB plates, which were 
pooled per plate (up to 1,500 colonies per pool). The metagenomic library was then stored 
as pools of “transformed EPI300 cells - amplified library”, with glycerol at -80°C, according to 
the cloning kit manufacturer recommendations. 
 
Chitinase A gene (chiA) PCR-based screening strategy 
Primers GA1 Fw and GA1 Rev were used for chiA gene based genetic screenings. These 
primers and the suitable PCR conditions were previously described and optimised (18). The 
PCR products, with predicted sizes of 450-600 bp, according to a previous study of the same 
chitin-amended soil (11), were detected by standard agarose gel electrophoresis. To check 
the identity of the respective chiA-like genes, the amplicons were extracted from gel using 
the Wizard SV Gel and PCR CleanUp System (Promega, Madison, WI, USA), after which they 
were directly sequenced (using the reverse primer - LGC, Berlin, Germany). As controls, DNA 
extracted from EPI300-T1R cells as well as pCC1Fos were also tested for the presence of chiA 
genes. In addition, the primer sequences were aligned (stand-alone BLAST v. 2.2.28+) against 
the genome sequence of EPI300-T1R and the pCC1 plasmid vector provided by the cloning 
kit manufacturer (Epicentre, Madison, WI, USA), which revealed that no amplicons of the 
indicated size range were predicted. 
 
Screening for chiA-positive clones 
The metagenomic library was screened for the presence of clones containing chiA-like genes 
using a “pool-subpool-single” PCR strategy as described in (19, 20). For this purpose, clones 
(pooled, subpooled or single) were cultured overnight in LB broth supplemented with 12.5 
μg/ml chloramphenicol in 96-well plates. The contents of 2 plates were combined for single 
plasmid extractions using the QIAprep Spin Miniprep kit (Qiagen, Venlo, The Netherlands). 
The resulting DNA templates were then used for PCR based detections. As back-ups, the 
original clones were stored at 4°C. In case of positive reactions, subpools of rows of each 
plate were retested. Following single-plate positive results, we could thus identify positives 
down to the single-row or single-clone levels. At the “single-row” and “single-clone” levels, 
the fosmid copy numbers were induced to up to 50 copies by adding 0.4 μl of autoinduction 
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solution (500X) per 200 μl of LB broth (supplemented with 12.5 μg/ml chloramphenicol) 
according to the producer’s specifications (Epicentre, Madison, WI, USA). All PCR products 
were checked for size and integrity by standard agarose gel electrophoresis. The presence of 
chiA-like sequences was confirmed by amplicon sequencing, as described above. Amplicon 
sequences were assigned to chitinase genes by TBlast-X and aligned with a suite of 22 
characterised chitinases (retrieved from GenBank and CAZy), by using Clustal-W (BioLinux7; 
21). Tree building was based on the Neighbour-Joining algorithm, using bootstrapping with 
100 repetitions and the substitution model (MEGA 5.2). 
 
DNA extraction from selected clones 
Presumptive chiA-like gene containing clones were cultured in 2 ml LB broth supplemented 
with 12.5 μg/ml chloramphenicol, and fosmid copy numbers were raised by adding 4 μl of 
autoinduction solution (500X) before incubating overnight at 37°C. Following incubation, 
fosmid DNA was extracted using the Gene Jet Plasmid Midi Preparation Kit 
(ThermoScientific, St. Leon-Rot, Germany). DNA size and integrity were verified by PFGE with 
the electrophoresis conditions described above. DNA concentration was measured in a 
spectrophotometer (Nanodrop; ThermoFisher Scientific, St. Leon-Rot, Germany). 
 
Sequencing of fosmid insert DNA 
Full-length inserts (average sizes 30-40 kb) of selected fosmid clones were sequenced 
employing an Illumina HiSeq platform (BaseClear, Leiden, The Netherlands). Prior to 
sequencing, the concentration and quality of the DNA were assessed by microfluidics-based 
electrophoresis (Bioanalyzer, Agilent Technologies, Waldbronn, Germany). Paired-end 
libraries were prepared for each individual fosmid DNA using the Paired-End DNA Sample 
Preparation Kit and specific adaptors (Illumina, Eindhoven, The Netherlands). Sequencing 
was then optimised and carried out on the HiScanSQ Illumina system. 
 
Assembly and sequence analysis 
Raw data processing was supported by BaseClear (Leiden, The Netherlands). Briefly, it 
implied the generation of FAST-Q sequence reads, followed by quality controls and de novo 
assembly, yielding consolidated contigs. The FAST-Q sequence reads were generated using 
the Illumina Casava pipeline (version 1.8.2). Initial quality assessment was based on data 
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passing the Illumina Chastity filter. Subsequently, reads containing adapters and/or PhiX 
control signals were removed using an in house filtering protocol. The second quality 
assessment was based on the FAST-QC quality control tool (version 0.10.0). The quality of 
the sequences was also enhanced by trimming off low-quality bases using the “Trim 
sequences” option of the CLC Genomics Workbench (v. 5.5.1; CLC Bio, Aarhus, Denmark). 
The quality-filtered sequence reads were further filtered by removing all reads that could 
align to vector backbone sequences. All remaining sequences were then employed to 
generate contiguous sequences using the “de novo assembly” option of the CLC Genomic 
Workbench (v. 5.5). The contigs were considered robust if the average coverage was higher 
than 500x. Coverage was calculated from mapping of the reads against the contig 
sequences. The final contigs were then considered to be representative of the whole inserts. 
 
De novo annotations of fosmids 
The final contigs, obtained after the de novo assemblies, were first checked for the presence 
of the chiA-like gene sequences as obtained during the screening. For each individual fosmid, 
the initially obtained sequence of the amplicon was aligned against the full-length contig 
using the BioEdit (v. 7.2.0) sequence alignment editor (22); each alignment was manually 
checked for errors and gaps. Following this initial analysis, open reading frames (ORFs) were 
assigned to the insert sequence and verified in three ways. A first assignment was obtained 
using GLIMMER (v.3.02) (23; http://cbcb.umd.edu/software/glimmer/) on a BioLinux v.7 
platform (21). A second assignment of ORFs was based on the MetaGene software (24). The 
third assignment of ORFs was obtained via automatic annotation of coding sequences using 
the Rapid Annotation Subsystems Technology (RAST) provided by the National Microbial 
Pathogen Data Resource (NMPDR) (25). The predicted ORFs were then compared between 
the three predictive tools, after which a consensus or ‘most likely’ annotation was obtained. 
The annotation of each ORF from RAST (yielding protein-encoding genes, further referred to 
as coding sequences, CDSs) was manually curated and completed by a similarity search 
against the non-redundant protein (http://www.ncbi.nlm.nih.gov) databases using BLASTP 
(http://blast.ncbi.nlm.nih.gov/Blastp). BLASTP algorithm parameters (Table 1A) were 
optimised according to the BLAST Program Selection Guide 
(http://www.ncbi.nlm.nih.gov/guide/training-tutorials/ BLAST tutorials and guides/). 
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For each CDS, the closest protein homolog was assigned based on previously described 
combined criteria (26, 27), i.e. query coverage (%), maximum identity (%), alignment scores 
(maximum and total score) and e-value (Table 1B). RAST annotation also included a scan for 
tRNA genes and classification according to the “Cluster of Orthologous Groups” of Protein 
(COGs). ORFs shorter than 120 bp were discarded when the query coverage and maximum 
identity criteria were not in the established range. Spacers were subsequently searched 
against the non-redundant database (http://www.ncbi.nlm.nih.gov) using all BLAST options 
to ensure that no ORFs were missed. Then start and stop codons were identified for all 
annotated ORFs. 
 
Prediction of putative chitinase genes 
Prediction of putative chitinase/glycosyl hydrolase family 18 functions was performed 
through the InterProScan (EMBL) integrative tool for search of similarities within all available 
functional annotated protein databases (sequences of proteins, protein super-families and 
hidden Markov models) (28). Furthermore, the secondary and tertiary structure of protein 
was predicted on the I-TASSER server (29; http://zhanglab.ccmb.med.umich.edu/I-TASSER/) 
with default parameters. 
Promoters for bacterial genes were predicted using B-Prom (SoftBerry, 
http://linux1.softberry.com/berry). Ribosomal binding sites (RBSs) were identified using the 
web version of RBS Calculator (https://salis.psu.edu/software/; 30) and manually checked 
according to accepted models (31, 32). The taxonomic affiliation of genes annotated as 
chitinases and glycosyl hydrolases family 18 was confirmed by comparison with the 
complete Carbohydrate Sequence Database (CAZy) available using Mothra.ornl (CAZYmes 
Analysis Toolkit, 33). 
 
Phylogenetic analysis of chitinase-like genes 
All predicted chitinases and glycosyl hydrolases (family 18) were aligned - using Clustal-W 
(BioLinux v. 7; 21) - with 65 sequences of characterised chitinases extracted from the CAZy 
database. Phylogenetic reconstruction was performed by Maximum Likelihood (ML) analysis 
using the amino acid type substitution model of Jones-Taylor-Thorton (JTT) with uniform 
rates, partial deletion and site coverage cut-off of 95%. The tree was bootstrapped using 100 
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replicates. A characterised cellulose of Escherichia coli P12b was employed as an outgroup 
sequence. 
 
Prediction of the origin of fosmid inserts, comparative genomics and identification of 
potential horizontal gene transfer 
The origin of the inserts was predicted based on the phylogenetic affiliation of more than 
75% of identified genes. We interpreted these predictions with the cautionary note in mind 
that de novo annotation is relative at the level of bacterial genomes in soil (34) and that the 
size of the inserts in each fosmid represents less than 1% of an average annotated genome.  
Synteny of the recovered fosmid inserts with regions of existing genomes and inter-gene 
regions similarities were determined using the multiple genome alignment 
progressiveMauve software (35). Searches for G+C-rich islands were performed by 
CpGFinder (SoftBerry, http://linux1.softberry.com/berry). Nucleotide frequency analysis of 
the sequences was carried out for screening for potential horizontally-transferred regions 
(Scatter Plot Viewer, http://www.jcvi.org/cms/research/). 
 
Sub-cloning of the 53D1 chitinase gene 
Escherichia coli DH5α (Invitrogen-Life-Technology, Carlsbad, USA) was used for cloning of 
one selected chiA-like gene, i.e. 53D1. The DNA encoding the 53D1 putative chitinase was 
obtained by amplifying the ORF with the fosmid DNA as template, and cloned into the 
expression vectors pET24b(+) (Novagen Inc., Madison, USA) carrying kanamycin resistance 
and adding a polyhistidine tag (His6-Tag) at the C-terminus of the protein, and pColdI 
(TaKaRa Bio Inc., Otsu, Japan) carrying ampicillin resistance and adding a His6-Tag at the N-
terminus of the protein. For cloning into pColdI, the following primers were employed: 
53D1_pColdI_FW (5’-AATTGAGCTCAGTCACGGTTCGGTCTCTCC-3’) and 53D1_pColdI_RV (5’-
CCAAAAGCTTTTACGGTCTCAGCCGGGATG-3’) containing the underlined restriction sites for 
SacI and HindIII, respectively. Primers 53D1_pET24b_FW (5’-ACCACATATGATGAGTCACGGTT 
CGGTCTCTCC-3’) and 53D1_pET24b_RV (5’-AATACTCGAGCGGTCTCAGCCGGGATGAGA-3’) 
containing the underlined restriction sites for NdeI and XhoI respectively, were used for 
cloning chitinase cDNA into pET24b(+). To study the expression of the chitinase gene under 
the control of its putative native promoter, an additional pair of primers was designed in 
order to amplify the 150-bp region upstream of the start codon and encompassing the 
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essential genetic elements for expression. The primers employed were: 
53D1prom_pET24b_FW (5’-AATACATATGCGGTCGGATGACTGTGGCGCC-3’) and 
53D1prom_pET24b_RV (5’-AATACTCGAGCGGTCTCAGCCGGGATGAGA-3’), carrying 
respectively NdeI and XhoI restriction sites. The results of the cloning and transformation 
procedures were routinely controlled by subsequent DNA sequencing (BMR Genomics, 
Padua, Italy). E. coli BL21 StarTM(DE3) (Invitrogen-Life-Technology, Carlsbad, USA) 
transformed with pColdI::53D1 and pET24b(+)::53D1, and E. coli DH5α carrying 
pET24b(+)::53D1prom plasmid were maintained on LB agar supplemented with 50 μg/ml 
kanamycin or 100 μg/ml ampicillin. 
 
Expression and purification of the 53D1 chitinase 
Expression experiments with the three recombinant strains described above and with the 
respective controls (carrying the empty vectors) were conducted in LB medium and in 
Terrific Broth (TB, Sigma-Aldrich, St Louis, USA). For protein purification, early exponential 
phase cells of E. coli BL21 StarTM (DE3)/pET24b(+)::53D1 in LB (OD600nm ~ 0.6) were induced 
by 0.5mM of isopropyl β-D-thiogalactopyranoside (IPTG) and harvested after overnight 
incubation at 25°C and 200 rpm. After washing with sodium chloride-Tris-EDTA (STE buffer: 
10 mM Tris-HCl pH 8.0, 1 mM EDTA, 100 mM NaCl), cells were sonicated on ice for 5 cycles 
of 30 s each. His6-53D1 protein was purified from the dissolved cytoplasmic fraction (after 
500 mM NaCl was added) by loading onto a 5-ml Ni2+-Hitrap chelating affinity column (GE 
Healthcare Sciences, Little Chalfont, UK), equilibrated with 50 mM Tris-HCl pH 8.0, 500 mM 
NaCl and 20 mM imidazole, according to the manufacturer’s instructions. The protein was 
eluted using increasing concentrations of 50 mM Tris-HCl pH 8.0, 500 mM NaCl and 250 mM 
imidazole and loaded onto a size-exclusion PD10 Sephadex G25 column (GE Healthcare 
Sciences, Little Chalfont, UK) equilibrated with 50 mM Tris-HCl pH 8.0. 
 
SDS-PAGE electrophoresis, Western blotting and zymogram analysis 
Protein purification was followed by sodium dodecyl sulphate-polyacrylamide (SDS-PAGE) 
gel electrophoresis on 12% (w/v) polyacrylamide gels (36). For Western blot analysis, the 
protein was identified by Anti His-Tag Antibody HRP Conjugate (Novagen Inc., Madison, USA) 
using a chemioluminescence method (ECL Western Blotting Detection System, GE 
Healthcare Sciences, Little Chalfont, UK). Molecular weight markers were from GE-
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Healthcare Sciences, Little Chalfont, UK. Zymogram analysis was employed to detect 
chitinolytic activity on polyacrylamide gels (10% w/v) containing 0.7 mg/ml carboxymethyl-
chitin-remazol brilliant violet (CM-chitin-RBV) (Loewe Biochemica, Sauerlach, Germany), as 
described in (37). 
 
Chitinase activity assay 
Chitin-degrading activity was fluorimetrically assayed with the chitooligosaccharide 
analogues 4-methyl umbelliferyl N-acetyl-β-D-glucosaminide (4-MU-GlcNAc), 4-
methylumbelliferyl N,N’-diacetyl-β-D-chitobioside (4-MU-(GlcNAc)2) and 4-
methylumbelliferyl N,N’,N’’-triacetyl-β-D-chitotrioside (4-MU-(GlcNAc)3) as substrates, as 
reported by (37). One unit (U) of chitinase activity was defined as the amount of enzyme 
required for the release of 1 μmole of 4-MU per min at pH 5.0 and 37°C. Chitinolytic activity 
on colloidal chitin prepared from shrimp shells (Sigma-Aldrich, St Louis, USA) as described by 
Hsu and Lockwood (38), was determined according to the method of Anthon and Barret (39) 
adapted to enzymatic hydrolysis. Briefly, 250 μl of protein sample were added to an equal 
volume of 10 g/l colloidal chitin, and the mixture was incubated at 37°C for 1 h. The reaction 
was quenched by boiling for 5 min and then centrifuged (20000 x g, 25°C, 15 min); 200 μl of 
the supernatant was mixed with equal volumes of 0.5 M NaOH and of MBTH reagent. After 
15-min incubation at 80°C, 400 μl of a solution containing 0.5% (w/v) FeNH4(SO4)2·12 H2O, 
0.5 % (w/v) sulfamic acid and 0.25 M HCl was added and allowed to cool to room 
temperature. Subsequently, 1 ml H2O was added and absorbance at 620 nm (A620) 
determined. The released reducing sugars were estimated by comparison of A620 to a 
standard curve prepared with N-acetyl-D-glucosamine concentrations from 0 to 600 μM. 
One U of chitinase activity was defined as the amount of enzyme that released 1 μmol/ml N-
acetyl-D-glucosamine per h at 37°C. 
 
Enzyme characterisation 
The optimum pH for 53D1 chitinase activity was determined by testing activity at different 
pHs with the fluorescent assay on 4-MU-(GlcNAc)2 and the following buffers (100 mM): 
glycine-HCl (pH 3.0), sodium acetate (pH 4.0 and 5.0), sodium phosphate (pH 6.0 and 7.0), 
Tris-HCl (pH 8.0) and sodium pyrophosphate (NaPPi, pH 9.0). The optimum temperature for 
53D1 chitinase activity was determined by incubating the reaction mixture at various 
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temperatures (5 - 70°C). The effects of metal ions (20 mM), enzyme inhibitors (5% v/v), 
chelating agents (20 mM), detergents (1% w/v), organic solvents (10% v/v), sugars (10 mM 
N-acetyl-D-glucosamine and 10 mM chitobiose) and increasing concentrations of NaCl (up to 
2 M) were investigated by adding each compound to the assay mixture. All reagents were 
purchased from Sigma-Aldrich (St Louis, USA). 
 
 
Results 
Construction of a metagenomic fosmid library from chitin-treated soil 
Using 10 g of chitin-amended soil, we produced 2.5 μg of pure high molecular weight (HMW) 
soil DNA (0.25 per g soil), with an average fragment size of about 40 kb. The DNA was found 
to be pure enough to serve for direct cloning into the pCC fosmid system. Following the 
cloning and plating steps, a total of 145,000 Escherichia coli fosmid clones was generated. 
The clones were harvested into pools, each containing up to roughly 1,500 individual fosmid 
clones. The estimated total size of the library was 5.8 GB, which is comparable to any of the 
large soil metagenomic libraries that have been previously reported (14). Employing screens 
of subsets of clones, the percentage of insert-carrying clones was estimated to be about 
100%. 
 
Screening for chiA-related genes 
All fosmid pools were successfully screened by chiA gene based PCR, in that clear negative or 
positive signals were obtained. The presumptive positive pools were retested and only pools 
that turned out to be positive again were further considered. In total, 18 of the pools yielded 
positive PCR results twice. The resulting 18 amplicons, all with sizes of 450-600 bp, were 
then cloned and subjected to sequence analysis, after which the sequences were compared 
to existing chiA sequences by BLAST-N based comparisons with database sequences. The 
analysis showed that 13 of the 18 sequences were very remote from the canonical chiA gene 
sequences, having <35% homology. The underlying fosmid pools were not further 
considered. Thus, we focused on the remaining five predicted/detectable chiA sequences, 
with homologies to any defined chiA-like database sequence of >35%. The five fosmid pools 
were subjected to several cycles of splitting up in subpools and PCR detection of the chiA 
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gene, until, finally, single fosmids that generated the same signal were obtained. The 
resulting chiA-like amplicons were then confirmed as being representative of ‘presumptive’ 
chiA-like genes that encode chitin-splitting enzymes (Figure 1). The (five) fosmids were 
subjected to further characterisation using whole fosmid sequencing and one was subjected 
to in-depth functional analyses, as detailed below. 
 
De novo annotation and general characteristics of genetic fragments recovered from 
fosmids of the chitin-amended soil metagenomic library 
None of the five fosmid clones - denoted 14A, 22G3, 28C5, 53D1 and 101F8- revealed 
expression of chitin-degrading activity when the fluorimetric activity assay was used directly 
on supernatants of grown cultures. Phylogenetic analyses of the generated chiA amplicon 
sequences showed, for all amplicons, strong support for affiliation to bacterial glycosyl 
hydrolases of family 18 (GH18; Figure 1). Furthermore, the sequences were sufficiently 
different from known chitinases to warrant further investigations. On the basis of the 
foregoing, the inserts of all five fosmids were subjected to full-length sequencing using 
Illumina paired-end technology. This yielded total sequence information amounting to 6.4 to 
9.6 Mb per fosmid, at a coverage level over 100x (Table 2A). The sizes of the assembled 
inserts varied from 21.2 to 39.7 kb. Moreover, all inserts were confirmed to have a bacterial 
origin, as evidenced by the BLAST analyses. Furthermore, no tRNA or rRNA genes were 
identified. The G+C content of the fosmids was, on average, 58.8±6.4%. The G+C% was 
specific per fosmid and, for each fosmid, consistent over the full length of the insert (Table 
2B). Overall, tetranucleotide counts varied from 188 (fosmid 22G3) to 355 (fosmid 101F8). 
Comparisons of the nucleotide frequencies across fosmid regions indicated potential regions 
of horizontal gene transfer. Moreover, similarities in sequences were found between 
fosmids 22G3, 28C5 and 53D1 (Figure 2). All three used annotation methods then showed 
for each of the fosmids, that ORFs for enzymes of the GH18 family, N-acetyl-glucosamine 
transport, sugar ABC transport, a molecular chaperone, one or more transcriptional 
regulator(s) and (overall) carbohydrate metabolism were present (Figure 3). Genes encoding 
putative chitinases and general carbohydrate transport/capture and metabolism proteins 
were singly present on fosmids 22G3, 28C5 and 53D1, twice (fosmid 14A) or up to fivefold 
(fosmid 101F8). Additionally, a range of other predicted gene functions were found 
(Supplementary Tables S1, S2, S3, S4 and S5), being a large fraction involved in housekeeping 
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and cell replication functions. The fraction of predicted gene products, denoted as 
hypothetical proteins, was relatively high, varying from 55 to 76%. The predicted proteins 
and their localisation on the different fosmids are presented in Table 3. 
 
Fosmid annotation and prediction of closest homologue 
Fosmid 14A 
Eighteen ORFs were predicted to exist in the insert in the 22.6 kb-insert fosmid 14A (Table 
S1), which revealed three regions without identifiable ORFs. The overall G+C content was 
52.7%. The majority of ORFs showed a positive transcription frame (Figure 3 - 14A). Gene 
lengths varied from extremely small, i.e. 188 bp (CDS8, hypothetical protein) to large, i.e. 
2,393 bp (CDS7, closest hit β-D-galactosidase CAZy glycoside hydrolase family 2). One CDS 
(CDS10, 1,697 bp) was annotated as a putative gene encoding an endochitinase, with best 
BLAST hit (99% similarity, 99% coverage) to a recently described Kitasatospora setae 
chitinase (40). The number of genes with products potentially involved in carbohydrate 
metabolism and sugar ABC transporters was low (Table 3). Surprisingly, one third of the CDSs 
(so 6 CDSs) were assigned to proteins predicted to be involved in plasmid partitioning next 
to a phage-type integrase. Another 33% of the putative CDSs remained hypothetical. Half of 
the CDSs were affiliated to sequences from a Burkholderia-like source organism, at a level of 
similarity (protein based) between 27 (CDS6, ABC transporter) and 82% (CDS14, hypothetical 
protein) (Table S1). 
 
Fosmid 22G3 
Twenty putative ORFs were identified in the 21.2 kb-insert fosmid 22G3 (one gap). The 
overall G+C content was 58.8%. Only one ORF had a negative transcription frame (Figure 3 - 
22G3; Table S2). The size of the CDSs was, on average, large, with 63% of CDSs having more 
than 0.5 kbp. The majority (55%) of the putative CDSs were affiliated to homologs found in 
an Acidobacterium-like organism, indicating that Acidobacterium was the presumed source 
organism. One gene of a typical chitinase was identified, which revealed 100% identity with, 
and coverage of, chitinase “A” of Acidobacterium capsulatum ATCC 51196. One CDS, for N-
acetyl-glucosamine transport (similarity 51%, coverage 86%) was also affiliated to a homolog 
from A. capsulatum ATCC51196. One transcriptional regulator (similarity 33%, coverage 
78%), which was similar to a region from Granullicella tundricola MP5ACTX9, was found 
Chapter 2 
98 
 
downstream of the putative chitinase gene. No chaperonins and sugar ABC transporter 
genes were found (Table 3). 
 
Fosmid 28C5 
A contiguous sequence, encompassing 35 ORFs with positive transcription frame, was 
assigned to the 31.9 kb-insert fosmid 28C5 (Figure 3 - 28C5; Table S3). The fosmid insert G+C 
content was 65.5%, namely the highest among all fosmid inserts. The sizes of the CDSs 
ranged from 143 (CDS9-hypothetical protein) to 2,309 bp (CDS34- transcriptional regulator). 
One gene (CDS24, 1,190 bp) was annotated as a gene encoding a putative chitinase, with a 
best BLAST hit to a gene from Stenotrophomonas maltophilia AU12-09 (45% similarity, 88% 
coverage). One N-acetyl-glucosamine ABC transporter with a best hit (25% similarity, 85% 
coverage) to a transporter from Streptomyces bingchenggensis BCW-1 was identified 
downstream of the chitinase gene. Other putative CDSs, such as transcriptional regulators 
and chaperonin GroEL, were affiliated at moderate similarity levels (average 38%) and high 
coverage (98%) to sequences from Chloroflexi-like organisms. One duplicate gene was 
assigned to an organophosphate pesticide hydrolase (similarity 44%, coverage 76%) of 
Pseudomonas sp. Ag1. Overall, the analysis suggested a broad range of putative source 
organisms such as, next to Stenotrophomonas, Chloroflexi, Actinobacteria, Firmicutes and 
Cyanobacteria. 
 
Fosmid 53D1 
A total of 34 ORFs, with positive and negative transcription frames, and one gap, were 
identified in the 35.4 kb-insert fosmid 53D1 sequence (Figure 3 - 53D1, Table S4). The overall 
G+C content was 54.6%. The minimum gene size was 143 bp (CDS6, transposase IS66) and 
the maximum size was 2,309 bp (CDS31, putative protein kinase-transcriptional regulator). 
Putative genes for hypothetical proteins represented 32% of the 53D1 sequence. One gene 
potentially encoding a chitinase (CDS20, 1,190 bp) was identified. The best BLAST hit of this 
latter gene was with a gene from an “uncultured bacterium” (48% similarity, 94% coverage), 
followed by one from Stenotrophomonas maltophilia AU12-09 (45% similarity, 87% 
coverage) and Ktedonobacter racemifer DSM 44963 (41% similarity, 93% coverage). 
Moreover, genes encoding predicted N-acetyl-glucosamine transporter and sugar ABC 
transporter proteins, affiliated with genes from Ktedonobacter racemifer DSM 44963, were 
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found downstream of the chitinase gene. Similarly, for the CDSs corresponding to 
transcriptional regulators and to hypothetical proteins flanking the chitinase gene, a 
Chloroflexus-type source organism was predicted (Table S4). Overall, 35% of the CDSs 
annotated as Chloroflexus-associated genes had, as close homologues, similar genes from 
the recently described Nitrolancetus hollandicus (41). 
 
Fosmid 101F8 
Fosmid 101F8 was found to contain a contiguous insert sequence of 37,907 bp. In total, 43 
ORFs were identified, with positive and negative transcription frames (Figure 3 - 101F8; 
Table S5). The sizes of these ORFs varied from 230 (CDS4, hypothetical protein) to 1,580 bp 
(CDS33, putative sensory transduction protein). The overall G+C content was 59.6%. Two 
different putative chitinase genes and one putative chitin deacetylase gene were found. 
CDS3 (1,121 bp), with best BLAST hit (100% identity and coverage) with a gene region from 
the Niastella koreensis GR20-10 genome and CDS25 (404 bp), with best BLAST hit (77% 
similarity, 82% coverage) with a gene from Streptomyces avermitilis MA-4680, were 
annotated as putative chitinase genes. CDS5 (869 bp), with best BLAST hit (100% identity and 
coverage) to a gene from Thermodesulfatator indicus DSM15286, was assigned as belonging 
to a polysaccharide deacetylase protein family. The fosmid 101F8 sequence also contained 
the aforementioned genes for chitinase, transcriptional regulator, N-acetyl-glucosamine, 
sugar ABC transporters and carbohydrate metabolism. With the exception of the genes for 
the chitinases, putative deacetylase and one antiporter protein (CDS26), all CDSs were 
affiliated, with high similarity and coverage value, to genes from Aeromonas. Specifically, 
72% of the CDSs were similar to genes from Aeromonas veronii (Table S5). 
 
Genes and regions of similarity between fosmids 
Although the genomic organisations were unique per fosmid insert, a number of common 
features was identified between the inserts. Fosmids 22G3 and 101F8 revealed the presence 
of a chitinase gene close to the 5’-end of the insert. All fosmids contained transcriptional 
regulators of the LuxR, LitR or LysR types, as well as sugar ABC transporter genes. Fosmids 
22G3, 28C5 and 53D1 revealed one ORF encoding a putative N-acetyl-glucosamine 
transporter, downstream of the ORF for the predicted GH18 chitinase. Nucleotide frequency 
analyses indicated the presence of overlapping tetranucleotides between fosmids 28C5 and 
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53D1 (40.3% similarity), 28C5 and 22G3 (12.07% similarity) and 14A and 22G3 (7.26%). 
Progressive Mauve-based alignment of the ORF nucleic acid sequences showed the existence 
of 13 regions of significant similarity between fosmids 28C5 and 53D1 (Figure 4). Fosmids 
14A and 101F8 revealed lower similarities when compared within the group of fosmids and 
they were considered to have unique sequences. 
 
Putative genes for chitinases and selection of a candidate gene for expression analyses 
Phylogenetic analyses of the putative chitinases (based on predicted protein sequences) 
showed some high-similarity clusterings with reference chitinases of the ChiA class and 
distant ones from the outgroup sequence of E. coli P12b cellulase (Figure 5). In the light of 
the annotation of the putative chitinase gene of fosmid 53D1 (homologous to a sequence 
from an uncultured bacterium, followed by best hits to regions of Ktetodonobacter racemifer 
DSM 44963 and Stenotrophomonas maltophilia AU12-09), we placed a focus on this 
sequence. The 53D1 chitinase ORF (G+C content 63.03%) was retrieved together with 200 
nucleotides located upstream of the identified start codon, which was GTG (encoding Val). 
Then, essential genetic regions (promoter, RNA polymerase interaction site, Shine-Dalgarno 
sequence, start and stop codons), that are potentially important for expression in a 
heterologous recombination system, were identified (Figure 6). The sequence of the 53D1 
ORF falls in the 14% of bacterial genes with an unusual promoter region and codon start (42, 
43). The “-35…-10” region revealed the atypical sequence “ATGACT…CGGGAT”, while the 
Shine-Dalgarno sequence was the universal AGGA. Overall, the rare reported transcriptional 
elements suggested that chitinase 53D1 had a weak promoter. The predicted protein was 
396 amino acids long (having 44.7 kDa estimated molecular mass and an isoelectric point of 
5.07). It belongs to the family-18 glycoside hydrolases, on the basis of the consensus 
sequence FDGIDIDWE, which confirmed the existence of a putative conserved active site 
within the catalytic domain (Figure 6). This sequence was further used for gene expression 
and protein characterisation studies. 
 
Expression, purification and characterisation of the 53D1 chitinase 
The amplified 53D1 gene region was cloned either into the pET24b(+) expression plasmid in 
E. coli BL21 StarTM(DE3) cells under the control of the IPTG-inducible T7 promoter, or into 
plasmid pColdI, a system based on a low-temperature-expression gene (cold shock gene), 
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which was specifically designed to improve the solubility of heterologous proteins in E. coli 
(44). Gene expression trials indicated that, in both expression systems, most of the 
recombinant protein (>80%) accumulated in insoluble cellular fractions, being some protein 
detectable in the soluble fraction (Supplementary Material and Figures S1, S2 and S3). 
Fluorimetric chitinase activity assays revealed that only the cytoplasmic soluble protein was 
active (maximal detectable activity of ca. 6 U per g of wet cells in optimised conditions, i.e. 
early exponentially growing E. coli BL21 StarTM(DE3)/pET24b(+)::53D1 in LB induced by 0.5 
mM IPTG and harvested after overnight growth at 25°C and 200 rpm, Figure S2), whereas 
the accumulated insoluble form appeared inactive. Interestingly, when the 53D1 gene was 
cloned under the control of its native promoter, no protein was detectable (neither by 
chitinase assay nor by immunoblotting), confirming that the promoter activity was too weak 
to drive heterologous expression in E. coli. The 53D1 chitinase protein was purified from 3 g 
of cell paste obtained from 550 ml culture of E. coli BL21 StarTM(DE3)/pET24b(+)::53D1 
grown as reported above. The protein was purified from the cytoplasmic soluble fraction by 
affinity chromatography on a HiTrap chelating column followed by gel filtration on PD10 
Sephadex. The yield was 0.638 mg/l culture (0.117 mg/g cells). SDS-PAGE analysis showed 
that the protein migrated as a single band of 44.7 kDa and was >80% pure (Figure 7A). 
Zymogram on carboxy methyl chitin confirmed the chitinolytic activity of the protein (Figure 
7B). Using three different-length analogues of natural chitooligosaccharides, 53D1 chitinase 
protein was found to have prevalent chitobiosidase activity (45.19 U/mg), weaker 
endochitinase activity (21.19 U/mg) and no β-N-acetyl-glucosaminidase activity. The enzyme 
was also capable of hydrolysing colloidal chitin, with an estimated activity of 2.28 U/mg. 
Chitinase activity was then assayed in a pH range of 3.0-9.0 and a temperature range of 5.0-
70.0°C using 4-MUF-(GlcNAc)2 as substrate. The optimum pH for protein 53D1 activity was 
5.0; more than 60 and 30% of the chitinolytic activities were maintained at pH 6.0 and 3.0-
4.0, respectively (Figure 8A). At pH values exceeding 6.0, the activity drastically decreased. 
The optimum temperature for enzyme activity was between 35 and 40°C. However, more 
than 30% of the activity was retained even below 15°C, and more than 20 and 10 % at 50 
and 70°C, respectively (Figure 8B). The effect of several compounds on 53D1 activity on 4-
MU-(GlcNAc)2 was then evaluated (Table 4). Among the metal ions tested, the presence of 
Mg2+ and Co2+ as well as the monovalent cation NH4+ did not significantly affect the 
hydrolytic activity of 53D1, while Cu2+, Fe2+, Mn2+ and Zn2+ effectively reduced it, with the 
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strongest inhibition being due to Cu2+ and Fe2+. In contrast, Ca2+, K+ and Ni2+ slightly 
increased the chitinolytic activity of the enzyme. Incubating the enzyme with the chelating 
agent EDTA inhibited its activity, suggesting that 53D1 is a metalloenzyme and that metal 
ions are needed for its catalytic activity. The enzyme inhibitors β-mercaptoethanol and DL-
dithiothreitol (DTT) strongly reduced the activity of the 53D1 protein. The influence of a 
variety of detergents on 53D1 is shown in Table 4. Sodium dodecyl sulphate (SDS), sodium 
deoxycholate (DOC) and N-lauroylsarcosine (NLS) showed inhibitory effects, while other 
detergents (Triton X-100, Tween-20 and Nonidet P-40) had no effect or even slightly 
increased activity. The stability of the 53D1 protein activity was then evaluated using a panel 
of organic solvents. All solvents, i.e. ethanol, methanol, isopropanol and dimethyl sulfoxide 
(DMSO), significantly reduced the 53D1 protein activity, with an average residual activity in 
the range 45-65%. The activity of the 53D1 protein was slightly inhibited in the presence of 
10 mM chitobiose and its activity increased slightly in the presence of 10 mM N-acetyl-D-
glucosamine (NAG). Very interestingly, the 53D1 protein was resistant to, or even dependent 
on, high NaCl concentrations: its catalytic activity increased in the presence of NaCl, up to 2 
M final concentration. 
 
 
Discussion 
Considering the prevalence of prokaryotic organisms in soil and their average estimated 
genome sizes (about 5 Mb; 45), the metagenomic library produced from the chitin-amended 
soil represented microbial community DNA equivalent to approximately 1,200 prokaryotic 
genomes. Genetic screening of this metagenome produced from the chitin-amended soil 
had, as the main objective, the identification of genes for novel proteins that belong to the 
functional group of chitin-active enzymes. The applied (genetic) screening strategy was 
based on the use of the highly diverse chiA gene (employment of conserved outer sequences 
as primer annealing sites) as the proxy for putative chitinases. One may argue that this 
screening strategy is contentious as it is limited to just one gene class, however it allowed us 
to screen the huge sequence space (10) around the chiA genes that are currently known. The 
strategy indeed proved to be successful in recovering several genomic fragments, in fosmids, 
containing putative active chitinases. In total, five sequences of chiA-like novel chitinases 
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were found in the same number of fosmids, next to a considerable number of (flanking) 
sequences related to the metabolic pathway of carbohydrate degradation, cellular transport 
and excretion systems, in addition to regulation of transcription. Given the estimated 
proportion of chiA genes in soil bacteria (roughly 1-5%), the frequency of recovery of chiA 
positive clones was consistent with the predicted one, corroborating that found in other 
reports (Wellington et al., in preparation). 
The origins and source organisms of the genes for the putative chitin-active proteins were 
found to be diverse, indicating that genes for chitinases were spread across several 
dominating organisms. All five identified fosmid inserts had different predicted origins, but 
two of them, 28C5 and 53D1, were rather closely related. The majority of the putative genes 
on the fosmids revealed homologies to regions of the genomes of Burkholderia, 
Actinobacteria, Stenotrophomonas, Acidobacterium and Aeromonas. Particularly, fosmids 
28C5 and 53D1 comprised genes which were to a rather great extent similar to those 
recently described in Nitrolancetus hollandicus (41) and in Ktedonobacter racemifer. Both 
organisms are members of the phylum Chloroflexi. The identification of a Chloroflexus-like 
chitinase gene in a metagenome from a chitin-enriched habitat may indicate another asset 
of the remarkable physiology of N. hollandicus like organisms. In fact, N. hollandicus has 
been described as a nitrite oxidiser, being the only one that is not affiliated with the 
Proteobacteria. The features of the 53D1 ChiA protein and the gene encoding it are 
remarkable. First, we did not detect 53D1 activity in Escherichia coli as driven from its own 
genetic background. This indicates that either the expression signals of the 53D1 chiA gene 
do not function properly in the E. coli host, or it is just too weakly expressed to enable 
detection. Moreover, the protein showed several features that characterise it as a typical 
temperate-climate-soil enzyme. First, it is apparently active under conditions of moderate 
temperatures as well as pH. Such conditions reign most of the time in many soils in 
temperate climate zones. Second, it revealed some sensitivity to organic solvents, indicating 
it has not been selected to withstand selective pressure from such sources. Third and 
remarkably, it showed quite high resistance to elevated levels of NaCl and even increased its 
activity at the highest salt levels, an unusual behaviour for a bacterial chitinase. In fact, few 
halo-tolerant bacterial chitinases, i.e. enzymes that can tolerate high saline concentrations 
despite having their maximum activity in the absence of salts, have already been 
characterised (examples can be found in (46, 47)). However, to our knowledge, among the 
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bacterial chitinases, only the two forms of chitinase C, Chi-I and Chi-II, from the halophilic 
bacterium Salinivibrio costicola (48) and ChiL from Bacillus pumilus SG2 (49) showed a similar 
behaviour to 53D1. The first two chitinases have, in fact, a salinity optimum at 1-2% NaCl, a 
residual activity of more than 80% and 50% in the presence of 3-5% and 14% NaCl 
respectively, and 95% activity without salt. Similarly, ChiL exhibits highest activity in the 
presence of 0.5 M NaCl. Halophilicity is more common among archeal chitinases: some of 
them are active even in the absence of salt but show maximum activities in high salinity 
conditions (50), others are not only adapted to tolerate high concentrations of salt, but also 
need a variable amount of NaCl for their correct folding (51, 52). This feature of 53D1 is truly 
interesting, as it (1) points to an in-situ activity whose level may depend on the presence of 
salt, and (2) may play a role in the soil in microhabitats where salt accumulates, i.e. in soils 
under drought stress.  
Fourth and biotechnologically relevant, the 53D1 ChiA protein is active on colloidal chitin 
and not only on the chito-oligosaccharide analogues that are commonly used for chitinolytic 
enzyme detection. Consistently, the catalytic domain of the 53D1 ChiA protein was shown to 
contain a 62-residue chitin insertion domain (CID). This region, associated with the TIM-
barrel structure typical of glycosyl hydrolase family 18, provides a deep substrate binding 
cleft, thus enhancing its exo-type activity on long-chain substrates (53). The 53D1 ChiA CID 
contains both of these sequence motifs (the N-terminal YxR and three separate [E/D]xx[V/I] 
motifs located in the central region) that are suggested to facilitate the access to recalcitrant 
substrates as chitin. These aspects, together with the remarkable salt tolerance of the 53D1 
ChiA protein, are key properties of this enzyme, which make it an interesting candidate for 
the treatment of seafood waste such as shrimp carapace. 
Finally, the fact that the 53D1 ChiA enzyme was most similar to a chitin-active protein from 
the Chloroflexus species Ktedonobacter racemica or Nitrolancetus hollandicus, next to its 
occurrence on another fosmid 28C5), indicated that as-yet-uncultured organisms that are 
affiliated with the mentioned (Chloroflexus types may play important roles in soils in which a 
substrate like chitin (that feeds them with respect to their carbon as well as nitrogen needs) 
is prevalent. Possibly, their value for the inferred source bacteria lies in their potential 
activity under drought stress, which comes with enhanced levels of dissolved salts in the soil 
solution. Furthermore, one may conclude that, in their ecological functioning, these 
organisms, being parts of complex communities “in action” on the offered substrate, may be 
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involved in horizontal gene transfers, given conditions of elevated cell-to-cell proximities and 
cellular activities. The remarkable differences in the genetic backgrounds of the very similar 
chiA homologs found on the two fosmids 53D1 and 28C5 appear to indicate the occurrence 
of horizontal transfers/recombinations involving the chiA gene in soil. 
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Figure legends 
Figure 1. Neighbour-joining tree of chiA amplicon sequences. Reference sequences 
represent nucleic sequences of characterised chitinases retrieved from GenBank and CAZy. 
Number near nodes indicate bootstrap values (only values ≥25). 
 
Figure 2. Nucleotide frequency matrix along the whole insert fosmid sequences. Similarity 
(%) of overlap dotpoints is indicated in regions identified as significantly similar. 
 
Figure 3. ORF orientation and position of selected genes. 
 
Figure 4. Comparison of full length fosmid insert nucleotide sequences using progressive 
Mauve global and local alignment algorithms. 
 
Figure 5. Maximum Likelihood phylogenetic analysis of chitinase protein sequences obtained 
in this study (marked) and 60 sequences of representative chitinases retrieved from CAZy. 
Substitution model Jone-Taylor-Thorton, uniform rates, partial deletion and site coverage 
cutoff 95%. Bootstrap values >25 are indicated. 
 
Figure 6. Chitinase 53D1 ORF regions. Marked: RNA polymerase interaction region (grey 
shadow), -35 and -10 regions, mRNA start site, Shine-Dalgarno box, GH18 consensus 
sequence (indicator of active catalytic site), start and stop codons. 
 
Figure 7. Purification of 53D1 from E. coli BL21 StarTM(DE3)/pET24b(+)::53D1 cells. (A) SDS-
PAGE analysis of chromatography fractions. CE: crude extract; 1: flow-through; 2 and 3: 
fractions eluted at 125 and 500 mM imidazole, respectively. 53D1 protein spot is indicated 
by the arrow. (B) Zymogram analysis of purified 53D1 with CM chitin-RBV as substrate. 
 
Figure 8. Enzymatic properties of the purified 53D1 chitinase, using 4-MU-(GlcNAc)2 as 
substrate. Enzymatic activities are expressed as relative to the maximal recorded activity and 
the values represent the mean of three independent experiments (mean ± standard error) 
(A) pH profile of 53D1. (B) Temperature influence on chitobiosidase activity. 
Chapter 2 
110 
 
Tables 
Table 1: Functional annotation criteria. (A) BLASTP settings according to protein size (amino 
acid residues) (B) BLASTP criteria used to validate the affiliation of ORFs to specific proteins  
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Table 2. General characteristics of genetic fragments recovered from chitin-amended soil 
fosmid library. (A) Sequence information (B) Fosmid length, gaps, GC%, ORFs. 
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Table 3. Distribution of selected proteins and groups of cellular functions among fosmids. 
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Table 4. Stability of 53D1 in the presence of different classes of compounds. The activity was 
measured on 4-MU-(GlcNAc)2 as substrate, at 37°C in 100 mM sodium acetate pH 5.0. The 
values represent the mean of three independent experiments (mean ± std error). 
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Supplementary material 
 
Expression of the 53D1 chitinase gene 
 
Methods 
Protein expression experiments were conducted in Luria Bertani (LB) and Terrific Broth (TB), 
both purchased from Sigma-Aldrich, St Louis, USA. Starter cultures were prepared from a 
single recombinant E. coli colony in 10 ml LB medium grown overnight at 37°C and 200 rpm. 
Baffled 500 ml Erlenmeyer flasks containing 100 ml of cultivation medium were inoculated 
with the starter culture (initial OD600nm = 0.1) and further incubated as before. For the E. coli 
BL21 StarTM(DE3) cells transformed with either pColdI::53D1 or pET24b(+)::53D1 vectors, 
protein expression was induced adding 0.5 mM IPTG to cells in the early-exponential growth 
phase (OD600nm ~ 0.6 in LB, ~ 1.0 in TB). After induction, E. coli BL21 StarTM(DE3)/pColdI::53D1 
cells were cultured at 15°C and 200 rpm according to manufacturer’s instructions, while E. 
coli BL21 StarTM(DE3)/pET24b(+)::53D1 cells were incubated at 37°C or 25°C and 200 rpm. 
Cells were harvested at regular time intervals by centrifugation (1,900 x g for 30 minutes) at 
4°C. Supernatants (i.e. the cell-free fermentation broths) were treated with 10% v/v 
trichloroacetic acid. Cell pellets were instead sonicated on ice (3-5 cycles of 30 s each, with a 
30-s interval, using a Branson Sonifier 250, Danbury, USA) in Phosphate Buffer Saline (PBS) 
pH 7.3 containing 10 µg/ml deoxyribonuclease (DNase, Sigma-Aldrich, St Louis, USA), 0.19 
mg/ml phenylmethylsulfonylfluoride (PMSF, Sigma-Aldrich, St Louis, USA) and 0.7 mg/ml 
pepstatin (Sigma-Aldrich, St Louis, USA). Soluble and insoluble fractions were then separated 
by centrifugation (20,000 x g for 40 minutes) at 4°C. Insoluble fractions (containing 
membrane and inclusion bodies) were re-suspended in a volume of PBS equal to the 
corresponding cytoplasmic soluble fraction (2-3 ml per gram of cells) for successive analyses. 
Protein concentration was determined by Biuret assay (Gornall et al., 1949). Chitinase 
production was estimated through densitometric analysis of SDS gel bands with the software 
Quantity One (Bio-Rad Laboratories, Hercules, USA) and His6-glycin oxidase (His6-GO) from 
Bacillus subtilis gently provided by Loredano Pollegioni, University of Insubria (Job et al., 
2002) as standard. Chitinase activity was measured by the fluorimetric assay on 4-MU-
(GlcNAc)2 (Hjort et al., 2014). 
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Results 
Basal expression was performed with E. coli BL21 StarTM(DE3)/pET24b(+)::53D1 in LB 
cultures, adding 0.5 mM IPTG when OD600nm reached 0.6 and collecting cells after an 
additional 2 h of growth at 37°C. Using these conditions, most of the recombinant protein, 
corresponding to a band of 44.7 kDa, accumulated in insoluble fractions, being a low amount 
of protein detectable in the soluble fraction (Supplementary Fig. S1). Protein was not found 
in medium fractions, nor in fractions collected from control E. coli BL21 StarTM(DE3) cells 
carrying the empty vector. 
 
 
 
Supplementary Figure S1. Western blot analysis of E. coli BL21 StarTM(DE3) cells carrying pET24b(+) 
or pET24b(+)::53D1 plasmids, grown in LB medium for 2 h at 37°C after induction. From E. coli BL21 
StarTM(DE3)/pET24b(+): soluble (lane 1) and insoluble (lane 3) fractions; from E. coli BL21 
StarTM(DE3)/pET24b(+)::53D1: soluble (lane 2) and insoluble (lane 4) fractions. In each lane, samples 
corresponding to 2 ml of cell culture were loaded. Std reference protein: His6-GO from Bacillus 
subtilis (10 μg, 42.66 kDa) gently provided by Loredano Pollegioni, University of Insubria (Job et al., 
2002).  
 
Chitinase activity assays revealed that the low amount of soluble protein in the above 
conditions was active (ca. 1 U per g of wet cells), whereas the insoluble form appeared 
inactive. Supplementary Figure S2A and B report the results from experiments conducted to 
increase the yield of active soluble 53D1 chitinase. Replacement of LB with the richer TB 
medium did not increase yield, whereas optimisation of the expression conditions (i.e. 
incubating cells overnight at 25°C after IPTG addition) yielded up to 6 U of activity per g cells, 
even if >80% remained insoluble and inactive (Supplementary Figure S2). When E. coli BL21 
StarTM(DE3)/pColdI::53D1 was used with the aim of increasing soluble protein at low-
temperature, a protein corresponding to the expected molecular mass was detectable in the 
insoluble fractions and chitinase activity (ca.4 U per g cells) was associated with the soluble 
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form of the recombinant protein as reported for the pET24b(+) plasmid (Supplementary 
Figure S3). 
 
 
B 
 
Supplementary Figure S2. 53D1 expression levels in E. coli BL21 StarTM(DE3)/pET24b(+)::53D1 
recombinant strain. The recombinant strain was incubated at 37°C (A) or 25°C (B) after induction 
with 0.5 mM IPTG and cells were harvested after 0, 2, 4 hours and overnight (O.N.) from induction. 
53D1 production into insoluble fractions (expressed as milligram of protein per gram of cells in wet 
weight) was determined by Western blot analysis using an anti-His-tag monoclonal antibody in cells 
grown in LB (empty bars) or TB (grey bars). Chitinase activity was measured by fluorimetric assay on 
4-MU-(GlcNAc)2, either in the soluble cytoplasmic fractions of cells grown in LB (○, dashed line) or TB 
(●, solid line) or in the insoluble fractions (membrane and inclusion bodies) of cells grown in LB (□, 
dashed line) or TB (■, solid line).  
A 
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Supplementary Figure S3. 53D1 expression levels in E. coli BL21 StarTM(DE3)/pCOLDI::53D1 
recombinant strain. The recombinant strain was incubated at 15°C after induction with 0.5 mM IPTG 
and cells were harvested after 0, 2, 4 hours and overnight (O.N.) from induction. 53D1 production 
into insoluble fractions (expressed as milligram of protein per gram of cells in wet weight) was 
determined by Western blot analysis using anti-His-tag monoclonal antibody in cells grown in LB 
(empty bars) or TB (grey bars). Chitinase activity was measured by fluorimetric assay on 4-MU-
(GlcNAc)2, either in the soluble cytoplasmic fractions of cells grown in LB (○, dashed line) or TB (●, 
solid line) or in the insoluble fractions (membrane and inclusion bodies) of cells grown in LB (□, 
dashed line) or TB (■, solid line).  
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Abstract 
Metagenomics is one of the most promising technologies for the discovery and 
characterisation of novel biocatalysts to be exploited at industrial level. Thanks to the 
availability of extended genetic toolkits, Escherichia coli has been employed as the 
preferential cloning host in most of the metagenomic studies performed thus far. However, 
since several drawbacks could be associated with the use of this microorganism as protein 
factory, there is the need to identify and develop alternative expression platforms with 
different codon usages and higher protein secretion capacity. In this work, the possibility to 
employ Streptomyces lividans as host for the heterologous expression of metagenome-
sourced chitinases is evaluated. Different approaches to repress its endogenous chitinolytic 
system, which could interfere with heterologous chitinase production and detection, are 
investigated. Moreover, the results obtained from the cloning and expression of Chi18H8, a 
chitobiosidase previously isolated from a suppressive-soil metagenomic library, are 
reported. 
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Introduction 
Metagenomics is an innovative and powerful tool for the discovery of novel biocatalysts 
encrypted in natural microbial communities, with high potential for use in biotechnological 
or environmental applications. Screening of metagenomic libraries has been focused on the 
identification of several classes of enzymes, including lipolytic enzymes, oxidoreductases and 
dehydrogenases or polysaccharide degrading enzymes (amylases, cellulases, chitinases, 
xylanases) [1, 2]. However, the complete characterisation and subsequent application at 
industrial level of these candidate proteins has often been limited by problems associated 
with their over-expression. Indeed, protein production in microbial hosts frequently 
represents the real bottleneck for the exploitation of metagenome-sourced biocatalysts. The 
Gram-negative bacterium Escherichia coli is certainly the most employed expression 
platform, thanks to its unparalleled fast growth kinetics also in inexpensive media and the 
availability of many molecular tools and manipulation protocols. However, it has been 
estimated that only 30-40% of bacterial genes could be efficiently expressed in E. coli, a 
value dropping to 7% for high G+C DNA [3]. This might be due to a plethora of factors, such 
as codon usage differences, improper promoter recognition, citotoxicity, incorrect folding, 
inclusion bodies formation and inability to secrete the translated proteins [4, 5]. Hence, 
there is the need to develop alternative cloning hosts, with different codon usages and 
higher protein secretion capacity than E. coli. Streptomyces spp., Gram-positive high G+C 
content bacteria, belonging to the Actinomycetales and naturally living in the soil, are 
promising candidates [6, 7]. Their innate secretion capacity reduces the risk of local 
accumulation of the over-expressed recombinant proteins, helps the correct folding and 
simplifies the purification procedures; moreover, it limits contamination with host proteins, 
nucleic acids and endotoxins. The ability to grow on defined media, the presence of natural 
mechanisms of genetic exchange and the increasing availability of expression vectors 
support the employment of these filamentous bacteria as protein factories. Among 
streptomycetes, S. lividans is one of the preferred hosts thanks to the limited restriction-
modification system and the low endogenous protease activity [8]. Novel enzymes, 
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identified in soil and marine meta-genomic screens, have already been successfully 
produced to high levels in S. lividans [9-11]. The main limitation in using Streptomyces spp. 
as systems for the heterologous expression of metagenome-derived chitinases is the 
presence of an endogenous chitinolytic system, which can interfere with the production and 
detection of the recombinant enzyme. As typical degraders of biomasses in soil habitats, in 
fact, streptomycetes have multiple and diverse chitinase genes with different specificities 
and characteristics, which are thought to act synergistically in chitin degradation [12, 13]. S. 
coelicolor A3(2)’s genome sequencing revealed the presence of thirteen different genes 
coding for chitinases, which are not organised in clusters but are randomly scattered on the 
chromosome [14, 15]. Similarly, multiple chitinolytic enzymes have been identified also in 
other streptomycetes, including S. lividans and S. olivaceoviridis [16]. Since the knock-out of 
all these genes is not feasible, alternative approaches for the repression of the endogenous 
chitinolytic systems should be followed. In this work we report on the investigation of S. 
lividans TK24 as alternative cloning host for the production of the chitobiosidase Chi18H8, 
previously isolated from a metagenomic library of a suppressive soil for clubroot disease of 
cabbage [17]. 
 
 
Material and methods 
Strains and cultivation media 
Streptomyces lividans TK24 was kindly donated by M.J. Bibb, John Innes Centre, Norwich UK. 
The strain was maintained as spores in 10% (v/v) glycerol and propagated in soy flour 
mannitol (SFM) agar medium [18]. Streptomyces lividans ΔdasR was a gift from S. Rigali, 
University of Liège, Liège Belgium. Ex-conjugants of S. lividans TK24 containing pIJ86, 
pIJ86::C-His6-chi18H8 and pIJ86::N-His6-chi18H8, and S. lividans ΔdasR were grown at 28 °C 
on SFM agar plates supplemented with 50 µg/mL apramycin. Colonies were picked up from 
agar plates and inoculated into 100 mL Erlenmeyer flasks with 20 mL liquid medium and 50 
µg/mL apramycin. Flask cultures were incubated on a rotary shaker at 200 revolutions per 
minute (rpm) and 28 °C. Liquid media for streptomycetes were: yeast extract – malt extract 
medium (YEME), containing in (w/v) 0.3% yeast extract, 0.5% bacto-peptone, 0.3% malt 
extract, 1.0% glucose in deionised water, pH 7.0; bacto tryptic soy broth (BTSB), containing 
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in (w/v) 10% sucrose, 1.0% glucose, 1.0% yeast extract, 0.5% NaCl, 0.5% soybean meal, 1.7% 
tryptone and 0.25% K2HPO4 in deionised water, pH 7.2; medium V (MV), containing in (w/v) 
2.4% soluble starch, 0.1% glucose, 0.3% meat extract, 0.5% yeast extract, 0.5% tryptose in 
deionised water, pH 7.2; maltose yeast extract medium (MYM), containing in (w/v) 0.4% 
maltose, 0.4% yeast extract, 1.0% malt extract and 2 mL/L trace element solution (TES), in 
deionised water. The TES was composed of 40 mg/mL ZnCl2, 200 mg/mL FeCl2 x 6 H2O, 10 
mg/mL CuCl2 x 2 H2O, 10 mg/mL MnCl2 x 4 H2O, 10 mg/mL Na2B4O7 x 10 H2O, 10 mg/mL 
(NH4)6Mo7O24 x 4 H2O, in deionised water. For the detection of chitinolytic activity, S. lividans 
ΔdasR was grown on chitin agar medium (CHA) plates, composed of (in w/v) 0.4% colloidal 
chitin, 0.07% K2HPO4, 0.03% KH2PO4, 0.05% MgSO4, 0.001% FeSO4, 0.0001% ZnSO4, 0.0001% 
MnCl2, 2.0% agar. Colloidal chitin was prepared by the method of Hsu and Lockwood, 1975 
[19], starting from chitin flakes from shrimp shells. Escherichia coli DH5α (Invitrogen-Life 
Technology, Carlsbad, USA) was used as host for cloning procedures. E. coli 
ET12567/pUZ8002 [20] was employed as non-methylating plasmid donor strain for 
intergeneric conjugation with S. lividans TK24. E. coli strains were maintained on Luria-
Bertani (LB) agar plates. All reagents were from Sigma-Aldrich, St Louis USA, unless 
otherwise stated. 
 
Plasmid construction 
The multi-copy expression vector pIJ86 employed for heterologous expression in S. lividans 
TK24 was a gift of M.J. Bibb [7, 20]. Plasmids pIJ86::C-His6-chi18H8 and pIJ86::N-His6-chi18H8 
were constructed as follows. Expand High Fidelity polymerase (Roche Italia, Milan Italy) was 
employed to amplify chi18H8 using fosmid DNA as template [17]. In both constructs, HindIII 
and BglII restriction sites were introduced into the primer sequence (underlined) for 
insertion into the multiple cloning site of the pIJ86 vector. A C-terminal tag of six histidine 
residues was introduced by amplification with the primers chiHisC_Fw (5'-
ATAAAAAGCTTGATGCGCCAGCTCACGCTTCTCCTTGCGACCGCTGC-3') and chiHisC_Rev (5'-
ATAAAAGATCTTCAGTGGTGGTGGTGGTGGTGATTGCCCCTTGCAGACTGG-3'). The histidine tag 
was added at the N-terminus of chi18H8 with the primers chiHisN_Fw (5'-
ATAAAAAGCTTAATGCACCACCACCACCACCACCGCCAGCTCACGCTTC-3') and chiHisN_Rev (5'-
ATAAAAGATCTTCAATTGCCCCTATGCAGACTGGCGGTGATCGCTCGC-3'). PCR was performed 
for 30 cycles as follows: 95 °C for 45 seconds, 74 °C for 45 seconds and 72 °C for 90 seconds. 
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The PCR products were purified, digested with HindIII and BglII and ligated with T4-DNA 
ligase (Roche Italia, Milan Italy) into the double-digested pIJ86. The resulting plasmids, 
pIJ86::C-His6-chi18H8 and pIJ86::N-His6-chi18H8, were transformed into E. coli DH5α and 
controlled by DNA sequencing (BMR Genomics, Padua Italy). The plasmids were finally 
cloned into E. coli ET12567/pUZ8002 cells.  
 
Intergeneric conjugation  
Intergeneric conjugation was performed according to the modified protocol described in 
Binda et al., 2013 [7]. The correct transformation of the recombinant S. lividans strains, 
carrying pIJ86::C-His6-chi18H8, pIJ86::N-His6-chi18H8 or the empty pIJ86 plasmid, was 
checked by colony PCR. Single colonies were transferred onto difco nutrient agar (DNA) 
medium [18] and allowed to grow at 28 °C over night (O.N.). Mycelium was scraped from the 
plates using a sterile tip and re-suspended in 50 μL 100% (v/v) dimethyl sulfoxide (DMSO). 
The samples were vigorously shaken for 90-120 minutes at room temperature and then 
centrifuged at 14000 x g for 3 minutes. 2.5 μL of the supernatant were used for PCR. For 
control, 1 μL of DNA sample was mixed with 1.5 μL 100% (v/v) DMSO. PCR was performed 
for 26 cycles as follows: 94 °C for 45 seconds, 55 °C for 45 seconds and 72 °C for 30 seconds. 
One initial step of 10 minutes at 94 °C was included in the program to ensure a complete cell 
lysis. chiHisC_Fw, chiHisC_Rev, chiHisN_Fw and chiHisN_Rev were employed as 
oligonucleotide primers to check the presence of pIJ86::C-His6-chi18H8 and pIJ86::N-His6-
chi18H8, respectively. The presence of the empty pIJ86 plasmid was verified with the 
primers pIJ86_Fw (5’-TGCACGCGGTCGATCTTGAC-3’) and pIJ86_Rev (5’-
TCATGGTCGGTCTCCTGGTG-3’), annealing to regions of the vector around the multiple 
cloning site.  
 
S. lividans strains growth 
Wild type and recombinant S. lividans TK24 strains, as well as S. lividans ΔdasR, previously 
re-activated in 100 mL Erlenmeyer flasks for 72 hours, were inoculated at 10% (v/v) in 
baffled 500 mL Erlenmeyer flasks with 100 mL liquid medium supplemented, if necessary, 
with 50 μg/mL apramycin. Flasks were incubated at 28 °C and 200 rpm for different time 
intervals (up to 240 hours) and regularly sampled. For the construction of growth curves, 5 
mL were centrifuged at 1900 x g for 10 minutes at room temperature. pH and residual 
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glucose were measured with pH Test Strips 4.5-10.0 (Sigma-Aldrich, St Louis USA) and Diastix 
strips (Bayer, Leverkusen Germany), respectively. Biomass production was calculated as wet 
weight. For chitinase activity measurements and SDS-PAGE analysis, 10 mL were instead 
centrifuged at 1900 x g for 20 minutes at 4 °C. Part of the supernatants, i.e. the cell-free 
culture broth, was concentrated with the trichloracetic acid (TCA) method. Briefly, 1/10 (v/v) 
of 100% (w/v) TCA was added to 5 mL sample, vortexed for 15 seconds and placed on ice for 
15 minutes. After centrifuging at 14000 x g for 10 minutes, the supernatant was removed 
and discarded. The pellet was washed twice with 500 µL of pure acetone and then air dried 
for about 90 minutes. Finally, the pellet was re-suspended in 100 µL phosphate buffer saline 
(PBS) pH 7.3 (140 mM NaCl, 2.7 mM KCl, 10.1 mM Na2HPO4, 1.8 mM KH2PO4) and 100 µL of 
SDS-sample buffer 4x (200 mM Tris-HCl pH 6.8, 33.3% (v/v) glycerol, 8.4% (v/v) β-
mercaptoethanol, 6.66% (w/v) sodium dodecyl sulphate (SDS), 0.01% (w/v) bromophenol 
blue), heat-shocked for 3 minutes at 85 °C.  
Celle pellets were sonicated on ice (10-15 cycles of 30 seconds each, with a 30-second 
interval, using a Branson Sonifier 250, Dansbury USA) in PBS 1x containing 10 µg/mL 
deoxyribonuclease (DNase), 0.19 mg/mL phenylmethylsulfonylfluoride (PMSF) and 0.7 
mg/mL pepstatin. Soluble and insoluble fractions were then separated by centrifugation at 
20000 x g for 1 h at 4 °C. Insoluble fractions were re-suspended in a volume of PBS equal to 
the corresponding cytoplasmic soluble fraction (5 mL/gcells) for successive analyses. Protein 
concentration was determined by the Biuret assay [21]. 
 
Chitinase activity measurement 
Extracellular and intracellular chitinase activity was assayed with the fluorimetric 
chitooligosaccharide analogues 4-methylumbelliferyl N-acetyl-β-D-glucosaminide (4-MU-
GlcNAc), 4-methylumbelliferyl N,N’-diacetyl-β-D-chitobioside (4-MU-(GlcNAc)2) and 4-
methylumbelliferyl N,N’,N’’-triacetyl-β-D-chitotrioside (4-MU-(GlcNAc)3) as substrates as 
previously reported [17]. One unit (U) of chitinase activity was defined as the amount of 
enzyme required for the release of 1 µmole of 4-MU per minute at 37 °C [17, 22]  
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SDS-PAGE and zymogram analysis 
To study Chi18H8 expression, protein samples of recombinant S. lividans TK24 strains were 
separated by sodium dodecyl sulphate - polyacrylamide gel electrophoresis (SDS-PAGE) with 
12% (w/v) polyacrylamide gels, using a Tris-Glicine system and Comassie brilliant blue R-250 
staining as described in [23]. Reference standard protein was His6-glycine oxidase (His6-GO) 
from Bacillus subtilis gently provided by L. Pollegioni, University of Insubria, Varese Italy [24]. 
The molecular weight markers were from GE-Healthcare Sciences, Little-Chalfont UK. 
Chitinolytic activity was detected through zymogram analysis using 10% (w/v) separating 
polyacrylamide gels containing 0.7 mg/mL carboxymethyl-chitin-Remazol brilliant violet (CM-
chitin-RBV, Loewe Biochemica, Sauerlach Germany) as reported in [17]. Reference standard 
protein was Trichoderma viride chitinase (Sigma-Aldrich, St Louis USA).  
 
Chi18H8 purification 
For Chi18H8 purification, S. lividans TK24/pIJ86::C-His6-chi18H8 was grown for 96-120 hours 
in YEME medium, supplemented with 2.0% (w/v) glucose and 50 µg/mL apramycin. The cell-
free culture broth was precipitated by slowly adding a sufficient amount of ammonium 
sulphate to reach 70% (w/v) saturation, then incubated for 3 hours at 4 °C and centrifuged 
(12000 x g at 4 °C for 30 minutes). The pellet was re-suspended in 1/10 (v/v) 20 mM 
potassium phosphate buffer (KPi) pH 6.7. The recombinant protein was purified by loading 
onto a 5-mL Ni2+-Hitrap chelating affinity column (1.6 x 2.5 cm; GE Healthcare Sciences, Little 
Chalfont UK) equilibrated with 20 mM KPi pH 6.7, 30 mM NaCl and 5 mM imidazole, 
according to manufacturer’s instructions. After extensive washing, the protein was eluted 
with an increasing concentration of elution buffer (20 mM KPi pH 6.7, 300 mM NaCl and 250 
mM imidazole).  
 
 
Results 
Production and repression of endogenous chitinolytic activity 
S. lividans TK24 chitinase production was at first assayed in two rich media, the limpid YEME 
and the complex BTSB, both commonly employed for the growth of streptomycetes and 
which do not contain chitin. According to the original recipe, the media were supplemented 
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with 1.0% (w/v) glucose. As shown in Figure 1, panels A&B, the maximum biomass 
production was reached after 48 hours-incubation and corresponded to a wet weight of 94 
g/L and 139 g/L for YEME and BTSB, respectively. In the first medium, the glucose was totally 
consumed within 48 hours and the pH values were almost constant around 7.0 for the entire 
growth (Figure 1, panel A). In BTSB glucose depletion was completed in 24 hours and the pH 
constantly grew from neutral to slightly basic values (Figure 1, panel B). Maximum 
extracellular chitinase activity in BTSB (about 0.52 U/gcells, corresponding to 60 U/L) was 
measured after 72 hours of growth, whereas the production in YEME reached 1.3 U/gcells (32 
U/L) after 96 hours. In both media, chitinase activity was detected when the cells enter into 
the stationary phase of growth, having completely consumed the available glucose, 
suggesting that its production is under the control of catabolite repression, as observed also 
in other streptomycetes [16, 25]. No significant chitinolytic activity was detected in the 
intracellular fractions obtained after cell sonication (data not shown). S. lividans TK24’s 
extracellular chitinases, produced in rich media when glucose is depleted and also in the 
absence of chitin as inducer, can therefore interfere with the expression and purification of 
heterologous chitinases.  
Chitinolytic activity production was then investigated in S. lividans dasR that is a 
recombinant strain deleted in the regulatory gene dasR, gently provided by S. Rigali from 
Liège University. DasR is a known transcriptional activator in S. coelicolor A3(2), where it 
recognises a 12-bp direct repeat sequence, called dre (DasR-responsive element), present in 
the promoter region of chitinase genes [26]. In this streptomycete, dasR knock out 
drastically reduces the expression of chitinolytic enzymes [15, 27, 28]. Since S. lividans is 
closely related to S .coelicolor A3(2) [29], it is conceivable that dasR knocking out in the 
former might as well reduce its endogenous chitinolytic activity. Indeed, replacing dasR by 
an apramcyin resistance cassette resulted in a non-sporulating bald phenotype on SFM agar 
(Figure 2, panel A), as demonstrated by Rigali and co-workers also for S. coelicolor ΔdasR 
[26]. However, differently from what observed in S. coelicolor knock-out mutant, S. lividans 
ΔdasR was able to degrade chitin when grown on chitin agar medium (CHA) for 10 days of 
incubation at 28 °C (Figure 2, panel B). As in the case of S. coelicolor A3(2) and S. lividans wild 
types, the chitinolytic activity is repressed if CHA is supplemented with 1% (w/v) glucose or 
1% (w/v) N-acetylglucosamine (Figure 2, panel B).  
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Production of chitinolytic activity in S. lividans dasR was assayed also in liquid culture, 
employing YEME and BTSB media (Figure 1, panels C&D). A biphasic growth was observed in 
YEME with a maximum of biomass production of 55 g/L after 48 hours from the inoculum 
(same timing as in the wild type, Figure 1, panel A), but with a second later peak 
corresponding to 192 g/L after 240 hours. Differently from the wild type, glucose was not 
consumed before 72 hours of growth, and then was slowly depleted within 240 hours, 
indicating that the first growth phase is supported by other carbon sources than glucose. The 
pH remained constant at 5.0 until 168 hours, then increasing to 9.0 in the very last phase of 
fermentation (Figure 1, panel C). Maximum biomass production in BTSB was higher than in 
the wild type (255 g/L), but the glucose consumption profile and the pH trend were similar 
between the recombinant strain and its parental one (Figure 1, panel D). In YEME, 
extracellular chitinase activity was detected only after 168 hours, when glucose was almost 
completely depleted, thus confirming that it may act as repressor. The chitinase production 
was delayed but it was twice more than in the wild type, i.e. 2.9 U/gcells corresponding to 95 
U/L volumetric productivity (Figure 1, panel C). In BTSB (Figure 1, panel D), production of the 
extracellular chitinase activity showed a similar trend than in the wild type, but even in this 
case it was almost two-fold what previously observed. In both media, only traces of 
intracellular chitinase activity were recorded, as in the wild type strain (data not shown). 
Taken together, the above experiments demonstrate that, despite the deletion of the dasR 
gene, S. lividans dasR produces more endogenous chitinolytic activity than the wild type 
and hence it is not a suitable alternative host for heterologous chitinase expression.  
To verify if homologous chitinase production could be effectively repressed by increasing 
glucose concentration, S. lividans TK24 was grown as above in YEME and BTSB media, but 
increasing the sugar concentration from 1.0% to 2.0% (w/v). In YEME plus glucose, biomass 
production was reduced but the stationary phase of growth was prolonged (with a maximum 
wet weight of 58 g/L between 24 and 72 hours), glucose depletion lasted 96 hours and the 
pH dropped below 5.0 after 48 hours from inoculum (Figure 1, panel E). Since 
streptomycetes prefer neutral-to-alkaline pH (the optimum growth being registered 
between 6.5 and 8.0 [30]), the acid environment could explain why higher glucose 
concentrations did not support a parallel increase in biomass production. For BTSB plus 
glucose (Figure 1, panel F), the free glucose was rapidly consumed within 48 hours and both 
the growth curve and the chitinolytic activity profile were similar to the ones reported in 
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Figure 1, panel B. Differently from BTSB plus glucose, the slower sugar consumption 
occurring in YEME plus glucose allowed appreciating the repressive effect exerted by the 
monosaccharide on chitinase activity, which never exceeded 0.17 U/gcells (Figure 1, panel E). 
Glucose concentrations higher than 2.0% (w/v) did not improve the carbon catabolite 
repression effect (data not shown). Hence, it can be concluded that growth in YEME medium 
supplemented with 2.0% (w/v) glucose represents the preferential cultivation condition to 
be used for the expression of heterologous chitinases.  
 
Chi18H8 heterologous expression  
In order to clone chi18H8 in S. lividans TK24, the gene was amplified by PCR and introduced 
into the multicopy plasmid pIJ86, under the control of the strong and constitutive promoter 
ermE* [31]. A His6-Tag sequence was introduced either at the N- or C-terminus of the 
protein, to facilitate its purification and to verify the influence of the Tag position on 
Chi18H8 activity. pIJ86::C-His6-chi18H8, pIJ86::N-His6-chi18H8, and the empty pIJ86 plasmid 
used as control, were introduced into S. lividans TK24 by intergeneric conjugation from an E. 
coli non-methylating plasmid donor strain. The correct transformation was confirmed by 
colony PCR and DNA sequencing.  
The three ex-conjugants were thus grown in YEME plus glucose and BTSB plus glucose and 
their growth and chitinase production profiles compared with the wild type. The growth 
curves of the control recombinant strain, transformed with the empty multi-copy vector, 
were similar to the ones of the wild type (data not shown). Interestingly, they were almost 
overlapping also with those of the recombinant strain carrying pIJ86::N-His6-chi18H8 that are 
shown in Figure 1, panels G&H. Insertion of pIJ86 vectors did not affect maximum biomass 
productivity, but reduced growth speed, probably due to the metabolic burden associated 
with the heterologous plasmid maintenance. In BTSB plus glucose, maximum biomass 
production (around 150 g/L) and glucose depletion were reached after 72 hours of 
incubation (Figure 1, panels H&J). In YEME plus glucose, the sugar was not consumed for the 
first 72-96 hours of incubation, being after that depleted within 120 or 240 hours in the 
recombinant strains carrying pIJ86::N-His6-chi18H8 (Figure 1, panel G) or pIJ86::C-His6-
chi18H8 (Figure 1, panel I), respectively. Maximum biomass production in the former (135 
g/L) was measured after 120 hours, whereas in the latter constant values (around 95 g/L) 
were recorded during the entire stationary phase, from 72 to 168 hours of incubation.  
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In BTSB plus glucose, chitinase activity never exceeded 0.95 U/gcells, neither in the 
recombinant microorganisms carrying pIJ86::chi18H8 plasmids, nor in the control strain. The 
maximum of chitinase activity was detected when glucose was depleted. Substantial 
differences were visible when growing the microorganisms in YEME plus glucose (Figure 1, 
panels G&I). In S. lividans TK24/pIJ86::C-His6-chi18H8, in fact, chitinase activity levels were 
significantly higher than in the other recombinant strains, reaching 2.4 U/gcells and 200 U/L 
between 96 and 216 hours of incubation in the presence of significant level of residual 
glucose.  
Chi18H8 production by S. lividans TK24/pIJ86::C-His6-chi18H8 was assayed also in other 
media frequently employed for heterologous protein expression in Streptomyces spp.: the 
rich but limpid MV and the semi-defined MYM. All culture broths were supplemented with 
2.0% (w/v) glucose. However, the chitinase activity measured in these additional trials was 
overall lower than in YEME plus glucose, which was therefore selected as the best medium 
for recombinant Chi18H8 production.  
 
Chi18H8 purification and characterisation  
For Chi18H8 purification, S. lividans TK24/pIJ86::C-His6-chi18H8 was grown in YEME plus 
glucose and harvested after 96-120 hours from the inoculum. The cell-free culture broth was 
concentrated with ammonium sulphate precipitation and loaded onto a HiTrap chelating 
column. As shown in Figure 3, panels A&B, chitinase activities  were recorded both in the 
first chromatographic fractions (corresponding to not-bounded proteins), both in fraction 8, 
corresponding to the elution pick. Nevertheless, the zymogram analysis (Figure 3, panel C) 
clearly demonstrated the efficacy of affinity chromatography in separating the His6-tagged 
Chi18H8 from the other chitinolytic enzymes. In fact, a protein band migrating at the same 
height of the recombinant Chi18H8 previously purified from E. coli [Berini et al., manuscript 
in preparation] was detectable only in the crude extract loaded onto the column and in the 
elution pick fraction. Instead, the first chromatographic fractions showed only bands at 
different heights, corresponding to the same proteins seen in the negative control (i.e. S. 
lividans TK24 carrying the empty pIJ86 vector) and hence probably due to endogenous 
chitinolytic enzymes, which did not bind to the column. The successful purification 
procedure allowed the recovery from S. lividans broth of 216 μg of protein per litre of 
culture, corresponding to 16.9 μg/gcells.  
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Similarly to the results obtained for Chi18H8 in E. coli [17], activity assays on fluorimetric 
chitooligosaccharides analogues demonstrated that the purified enzyme had a prevalent 
chitobiosidase activity, a weaker endochitinase activity (ca. 20% of the value recorded for 
the chitobiosidase one) and no β-N-acetylglucosaminidase activity. 
 
 
Discussion 
Chi18H8 coding sequence was identified in a fosmid metagenomic library of a suppressive 
soil and initially cloned in E. coli, in the expression vectors pGEX-6P-3 [17] and pET24b(+) 
[Berini et al., manuscript preparation]. The biochemical and functional characterisation of 
this acidophilic chitobiosidase revealed interesting features, like antifungal activity, long-
term stability and solvent-tolerance, which make this enzyme a promising candidate for 
biotechnological and environmental applications. However, high-yield purification from 
these heterologous systems was hampered by its accumulation in a mainly inactive form in 
the inclusion bodies. Hence, in the present work chi18H8 cloning and expression in an 
alternative host was evaluated, with the aim to simplify its production and recovery.  
The chosen expression platform was S. lividans TK24, a Gram-positive filamentous bacterium 
well-known for its proven excellence in secretion capacity and low extracellular protease 
activity, recently employed by our group for the successful expression of another protein [7]. 
Additionally, according to SignalP 4.1 server [32], Chi18H8 possess a 55-aminoacid long N-
terminal signal peptide sequence, which has the probability to be correctly recognised by 
Gram positive hosts. 
As member of Streptomyces genus, also S. lividans TK24 possess its own chitinolytic system, 
which may interfere with the activity of the recombinant chitinase. For this reason, before 
proceeding with chi18H8 expression, different approaches for the repression of this complex 
system were evaluated. It is known that in these bacteria chitinase production is induced by 
chitin and repressed by readily utilizable carbon sources, such as glucose or N-
acetylglucosamine, the monomer subunit of chitin [16, 25, 33]. We have hereby 
demonstrated that S. lividans TK24 chitinolytic system is actively expressed also in non-
inducing media (i.e. not supplemented with chitin), but it can be efficiently repressed by 
glucose at 1.0-2.0% (w/v) concentrations, thus providing a cleaner background for the 
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successive heterologous expression of Chi18H8. The repression effect was more evident in 
YEME, where the glucose was more slowly consumed than in BTSB; this is a significant 
advantage, since heterologous protein purification from limpid media such as YEME is 
usually less difficult than from flour-rich media as BTSB.  
A second evaluated approach was based on the selective deletion of dasR, a pleiotropic 
factor involved in chitinase gene regulation [26]. DasR is a known transcriptional activator 
for chitinase genes in S. coelicolor A3(2) [15, 28], whereas it acts as repressor for the genes 
of the sugar phosphotransferase system PTS for the uptake of N-acetylglucosamine [28, 34], 
and for accII-4 and redZ genes involved in actinorhodin and undecylprodigiosin production, 
respectively [26-28]. DasR is also essential for the development of S. coelicolor and S. 
griseus, where it controls the dasABC transporter operon related to glucose-dependent 
morphogenesis [35]. The disruption of S. lividans’ dasR by substitution of the gene sequence 
with apramycin resistance cassette resulted in a non-sporulating bald phenotype on SFM 
agar, as previously demonstrated for S. coelicolor ΔdasR [26]. However, the mutant strain 
still showed considerable chitinolytic activity both in liquid and solid culture, which, similarly 
to the wild type strain, was inhibited by glucose and by N-acetylglucosamine. The 
transcriptional regulation of chitinase production in streptomycetes involves multiple 
regulation systems [15]: beside DasR, the two-component system ChiS/ChiR initially 
identified for the regulation of chiC in S. coelicolor A3(2) [36], the Cpb1 DNA-binding protein 
for chiA [37] and Reg1 [38] both of S. lividans. Moreover, real-time PCR analysis conducted 
by Nazari and co-workers in 2011 [15] showed that, after dasR deletion from S. coelicolor 
M145, the induction levels of some chitinase genes were only partially reduced and the 
expression of chiA and chiF was even higher in the mutant than in the wild type strain. 
Hence, it is possible that also in S. lividans several and multilevel regulatory systems are 
involved in chitinase gene induction and that, for this reason, the disruption of the sole dasR 
is not sufficient to completely repress the endogenous chitinolytic activity. We can therefore 
conclude that the use of S. lividans dasR strain, at least in the evaluated conditions, does 
not represent a substantial improvement for overcoming the problem of repressing 
endogenous chitinolytic activity when using this host for the heterologous expression of 
chitinase genes. 
In the last part of this work we reported on chi18H8 cloning in S. lividans TK24. The 
metagenome-sourced chitinase was successfully expressed in this host, with the best results 
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obtained in YEME medium. Interestingly, the position of the His6-Tag at the N-terminus of 
the protein seemed to interfere with the recombinant protein production and/or activity: S. 
lividans clone possessing the His6-Tag in fusion with the C-terminus of the protein reached 
higher chitinase activity levels than the other recombinant strain carrying the pIJ86::N-His6-
chi18H8 vector. In addition, Chi18H8 production in S. lividans TK24/pIJ86::C-His6-chi18H8 
recombinant strain occurred in the presence of glucose, consistently with the cloning of the 
heterologous gene under the strong constitutive promoter ermE*, that is insensitive to 
glucose repression. Chi18H8 was produced only in the extracellular fractions, thus 
confirming that its signal peptide was correctly recognised by the host secretion system. We 
suppose that most of the chitinolytic activity detected in the S. lividans TK24/pIJ86::N-His6-
chi18H8 strain was due to endogenous chitinase production. It is possible that the fusion of 
the His6-Tag at the N-terminal of the heterologous protein hampers its correct processing 
and secretion, as it has been already demonstrated for the D,D-peptidase/D,D-
carboxypeptidase VanYn [7].  
Protein secretion into the culture broth has generally three major advantages over 
intracellular accumulation: secreted proteins are usually natively folded, they can be 
produced at similar or even higher levels than intracellular proteins and they can be more 
easily purified [8]. Indeed, recombinant Chi18H8 secretion simplified its purification 
procedure: culture broth precipitation with ammonium sulphate and one-step 
chromatography were sufficient to obtain a good purity protein. However, the purification 
yield from S. lividans (16.9 μg/gcells), even if comparable to the one obtained with Chi18H8 
purification from E. coli soluble fraction (21 μg/gcells) [17], is significantly lower to what 
achieved with enzyme solubilisation from inclusion bodies (Berini et al., manuscript in 
preparation). The limited production in streptomycetes could be due to different factors, 
among which problems with protein maturation and processing before or during its 
secretion, or a non-optimal codon usage. Chi18H8 G+C content, in fact, is 64.47%, which is 
similar but not identical to the genomic ratio of Streptomyces spp. (72.1% for S. coelicolor 
A3(2) [14]). Nonetheless, the protein secretion into culture medium and the easy 
purification procedure, as well as the possibility to significantly repress the endogenous 
chitinolytic system by simply adding glucose to the medium, make S. lividans TK24 an 
interesting and valuable candidate for the heterologous expression of metagenome-sourced 
chitinases, worthy of further exploration.  
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Figure legends 
 
Figure 1. Growth curves and chitinase activity profiles. Panels A and B: S. lividans TK24 in 
YEME (A) or BTSB (B) media. Panels C and D: S. lividans ΔdasR in YEME (C) or BTSB (D). Panels 
E and F: S. lividans TK24 in YEME plus glucose (E) or BTSB plus glucose (F). Panels G and H: S. 
lividans TK24/pIJ86::N-His6-chi18H8 in YEME plus glucose (G) or BTSB plus glucose (H). Panels 
I and J: S. lividans TK24/pIJ86::C-His6-chi18H8 in YEME plus glucose (I) or BTSB plus glucose 
(J). Growth parameters are: wet weight (■, dashed line), glucose consumption (●, solid line) 
and pH (, dotted line). Chitinase activity, measured on 4-MU-(GlcNAc)2 as substrate, is 
represented as grey bars and expressed as units per g of cells in wet weight. 
 
Figure 2. Panel A: phenotype of S. lividans TK24 (left) and S. lividans ΔdasR (right), grown on 
SFM agar. Panel B: growth of S. lividans ΔdasR on CHA and CHA supplemented with 1.0% 
(w/v) glucose or 1.0% (w/v) N-acetylglucosamine (GlcNAc). 
 
Figure 3. Chi18H8 purification from S. lividans TK26/pIJ86::C-His6-chi18H8 culture broth. The 
recombinant strain was grown in YEME plus glucose medium for 120 hours. Starting 
material: 150 mL culture broth, corresponding to 1.6 gcells (wet weight). Panel A: elution 
profile of Chi18H8 by nickel-affinity chromatography on HiTrap Chelating column. Panel B: 
chitinolytic activity recorded by fluorimetric assay on 4-MU-(GlcNAc)2 as substrate. Panel C: 
zymogram analysis of: Ctrl-, crude extract from S. lividans TK26/pIJ86, used as negative 
control; C.E., crude extract from S. lividans TK26/pIJ86::C-His6-chi18H8, loaded onto the 
column; 1 and 2, flow-through chromatographic fractions (see panel A); 8, chromatographic 
fraction eluted at 50 mM imidazole (see panel A); Std, standard commercial chitinase from T. 
viride (10 µg); Chi18H8, recombinant protein purified from E. coli BL21 
StarTM(DE3)/pET24b(+)::chi18H8 (5 µg) (Berini et al., manuscript in preparation). 
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Abstract 
The peritrophic matrix is a chitin and glycoprotein layer that lines the insect midgut. It is a 
physical barrier that mainly protects the midgut epithelium from food abrasions and 
pathogen infections, but it is also involved in the compartmentalisation of digestive enzymes 
and in the selective transport of nutrients from the lumen to the epithelial cells. Given its 
fundamental role in insect physiology, it has been considered an excellent target for the 
development of innovative strategies for pest control. In particular, bacterial, insect and viral 
chitinases, enzymes able to alter the structural and functional properties of this acellular 
sheath, have been explored as a tool for the development of integrated pest management 
strategies. On the contrary, fungal chitinases have never been tested in such approaches. For 
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this reason, in the present paper we performed a biochemical characterisation of a 
commercial cocktail of chitinolytic enzymes from Trichoderma viride and analysed its effects 
on the peritrophic matrix of the silkworm Bombyx mori, a representative model system 
among Lepidoptera. The encouraging results obtained on this lepidopteron make us 
confident on the use of a similar chitinase-based approach on other pest species that 
represent a serious damage for crops, forestry and pasture. 
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Introduction 
The peritrophic matrix (PM) is a thin acellular sheath that lines the midgut epithelium of 
most insects and envelops the midgut lumen content (Lehane, 1997; Terra, 2001; Hegedus et 
al., 2009). The PM consists of a network of chitin fibrils associated with different classes of 
proteins, glycoproteins and proteoglycans, which confer strength and elasticity to this 
structure and influence its permeability properties (Lehane, 1997; Tellam et al., 1999; Terra, 
2001; Wang and Granados, 2001; Hegedus et al., 2009). The sieving attributes of the PM are 
related to the size and the charge of the effective aqueous channels that cross this gel-like 
structure and discriminate the passage of molecules. For instance, the PM of Bombyx mori 
larvae is largely permeable to methylene blue (320 Da), and almost impermeable to PEG 
4000, while the trypsin modulating oostatic factor from Aedes aegypti (Aea-TMOF) has an 
intermediate permeability coefficient, in line with its molecular mass (1005 Da) (Fiandra et 
al., 2009). Thanks to its function as permeable barrier, the PM plays several roles in insect 
digestion, such as the compartmentalisation of digestive enzymes in the endo- and ecto-
peritrophic spaces, and the selective transport of nutrients from the lumen to the epithelial 
cells (Terra, 2001). Moreover, it prevents mechanical lesions of the apical cell membrane 
caused by food abrasion and non-specific binding to cell surface; it acts as a defence physical 
barrier against ingested pathogens and toxins, furthermore protecting the midgut from 
allelochemicals and reactive oxygen species by sequestering and detoxifying ingested toxic 
materials (Tellam et al., 1999; Barbehenn and Stannard, 2004). 
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Chitin plays an important role in PM structure and function, being the scaffold for additional 
components (i.e. proteins and glycans), and acting as a structural support for digestive and 
detoxifying enzymes. Hence, its disruption alters the structural and functional properties of 
this peculiar viscous layer (Wang and Granados, 2001; Fiandra et al., 2010). Chitin, also 
occurring in the exoskeleton of insects, as well as in the digestive systems of nematodes and 
in the cell wall of fungi, is an insoluble linear homopolymer of N-acetylglucosamine (GlcNAc) 
linked by β-(1-4)-glycosidic bonds, which is hydrolysed by chitinases (Duo-Chuan, 2006). 
Considerable interest in the chitinolytic enzymes has been stimulated by their possible 
involvement in enzyme-based integrated pest control strategies against insects, nematodes 
and fungi (Fiandra et al., 2010). Resistance to these pest agents can be imparted by 
degradation of their vital structures such as PM and cuticle in insects or the cell wall in 
fungal phytopathogens, or by liberation of substances that subsequently elicit other types of 
defence responses by the host (Boller, 1987).  
In insects, chitinases are usually associated with postembryonic development and turnover 
of the cuticle (Merzendorfer and Zimoch, 2003; Kramer and Koga, 1986). Insect growth, 
morphogenesis and metamorphosis strictly depend on structure changes in tissues and 
organs containing chitin, such as the epidermis, tracheae and PM (Zhuo et al., 2014), where 
chitin levels are maintained by a dynamic and strictly regulated balance of synthesis and 
decomposition, due to the action of chitin synthases and chitinases, respectively. 
Interestingly, chitinases and chitin deacetylases associated to the insect midgut are believed 
to create temporary localised pores in the PM to increase nutrient or enzyme passage 
(Hegedus et al., 2009).  
Besides arthropods, chitinases have been characterised in a wide range of organisms, 
including fungi, viruses, bacteria, higher plants and other animals (Adrangi and Faramarzi, 
2013). Some entomopathogenic fungi such as Metarhizium anisopliae, Beauveria bassiana, 
Nomuraea rileyi, produce a cocktail of chitinolytic and proteolytic enzymes that attacks the 
insect cuticles, hence facilitating pathogen penetration and infection (El-Sayed et al., 1989; 
St. Leger et al., 1991). Soil fungi belonging to common genera such as Aspergillus, Penicillium 
and Trichoderma, represent a rich source of chitinolytic enzymes degrading a wide range of 
different chitinous substrates (Hartl et al., 2012). Recent studies showed that chitinases from 
Trichoderma spp., specifically of T. harzianum, are active and effective against a wide range 
of phytopathogen fungi, thus becoming particularly attractive for biocontrol strategies 
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(Lorito et al., 2010; Monteiro et al., 2010; Mukherjee, et al., 2013). In these microbes, 
enzymatic hydrolysis of chitin is accomplished by the synergistic and consecutive action of 
two major categories of chitinases (Dahiya et al., 2006). Endochitinases cleave chitin 
randomly at internal sites, generating soluble, low molecular mass multimers of GlcNAc, 
such as chitotetraose, chitotriose and diacetylchitobiose. Exochitinases include 
chitobiosidases, which catalyse the progressive release of diacetylchitobiose starting at the 
non-reducing end of chitin myofibril, and β-(1-4) N-acetyl glucosaminidases, which cleave 
the oligomeric products of endochitinases and chitobiosidases, thus generating monomers 
of GlcNAc in an exo-type fashion (Duo-Chuan, 2006).  
Feeding the insect larvae with viral (Corrado et al., 2008; Fiandra et al., 2010), bacterial 
(Regev et al., 1996) and plant (Ding et al., 2008) chitinases has been tested as an integrated 
pest management (IPM) strategy. Chitin network rupture may cause a significant damage to 
the PM, leading to an increased vulnerability of midgut epithelium to pathogens and 
pathogen-released toxins, and remarkably influencing the physiology of the digestive tract 
and insect survival (Hegedus et al., 2009; Pardo-Loperz et al., 2009; Fang et al., 2009; Sun et 
al., 2012). To our knowledge, fungal chitinases, although being used as fungal 
phytopathogen biocontrol agents, have never been tested in such approaches. In the 
present paper we propose a model study in which (i) we describe the different enzymatic 
activities present in a commercially available preparation of chitinolytic enzymes from the 
fungus Trichoderma viride; and (ii) we test its action in vitro on Bombyx mori larvae PM 
integrity and function. Bombyx mori is in fact considered a good model system among 
Lepidoptera and the information achieved on this insect can be then transferred to other 
butterfly and moth species. The aim of this study is gaining information on the potential use 
of fungal chitinases for developing novel IPM strategies. 
 
 
Materials and methods 
Experimental animals 
B. mori (polyhybrid strain (126x57)(70x90)) larvae were provided by CRA - Honey Bee and 
Silkworm Research Unit (Padua, Italy). The larvae were fed an artificial diet (Cappellozza et 
al., 2005) and reared at 25 ± 0.5 °C under a 12L:12D photoperiod and 70% relative humidity. 
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After animals had ecdysed to the last larval stage (5th instar), they were staged and 
synchronised according to Franzetti et al. (Franzetti et al., 2012). 
 
SDS-PAGE and zymogram analysis 
The composition of the mixture of chitinolytic enzymes from Trichoderma viride (Sigma-
Aldrich, St Louis, USA) was analysed by sodium dodecyl sulphate-polyacrylamide gel 
electrophoresis (SDS-PAGE) with 12% (w/v) polyacrylamide gels, using a Tris-glicine system 
and Comassie brilliant blue R-250 staining (Schägger and von Jagow, 1987). The molecular 
weight markers were from GE-Healthcare Sciences, Little Chalfont, UK. Zymogram was 
employed to detect chitinolytic activities, using 10% (w/v) separating polyacrylamide gels 
containing 0.7 mg/mL carboxymethyl-chitin-remazol brilliant violet (CM-chitin-RBV) (Loewe 
Biochemica, Sauerlach, Germany) as previously described (Hjort et al., 2014). 
 
Chitinase activity assay 
Chitinase activity was quantified with the fluorimetric chitooligosaccharide analogues 4-
methylumbelliferyl N-acetyl-β-D-glucosaminide (4-MU-GlcNAc), 4-methylumbelliferyl N,N’-
diacetyl-β-D-chitobioside (4-MU-(GlcNAc)2) and 4-methylumbelliferyl N,N’,N’’-triacetyl-β-D-
chitotrioside (4-MU-(GlcNAc)3) (Sigma-Aldrich, St Louis, USA) as substrates, as described in 
(Hjort et al., 2014). One unit (U) of chitinase activity was defined as the amount of enzyme 
required for the release of 1 µmole of 4-MU per min at 37 °C (Hjort et al., 2014; McCreath 
and Gooday, 1992).  
Chitinolytic activity was determined also by the colorimetric method described by Anton and 
Barrett (Anton and Barrett, 2002) adapted to enzymatic hydrolysis, with colloidal chitin as 
substrate. Colloidal chitin was prepared starting from chitin flakes from shrimp shells (Sigma-
Aldrich, St Louis, USA) according to Hsu and Lockwood (Hsu and Lockwood, 1975) and its pH 
corrected to 5.0 and 7.0 with 0.1 M NaOH. 250 µL of protein sample were added to an equal 
volume of 10 g/L colloidal chitin, and the mixture was incubated at 37 °C for 1 h. The 
reaction was quenched by boiling for 5 min and then centrifuged (20000 x g, 25 °C, 15 min); 
200 µL of the supernatant were mixed with equal volumes of 0.5 M NaOH and of 3-methyl-2-
benzothiazolinonehydrazone (MBTH) reagent. After a 15-min incubation at 80 °C, 400 µL of a 
solution containing 0.5% (w/v) FeNH4(SO4)2x12 H2O, 0.5% (w/v) sulfamic acid and 0.25 M HCl 
were added and allowed to cool to room temperature. After final addition of 1 mL of H2O, 
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absorbance at 620 nm was determined. Released reducing sugars were estimated by 
comparison to a standard curve prepared varying GlcNAc concentrations (0 – 600 µM). One 
U of chitinase activity was defined as the amount of enzyme that released 1 µmol/mL x h 
GlcNAc at 37 °C.  
 
pH and temperature curves 
The optimum pH for the chitinase activity was determined by the enzymatic assay on the 
three chitooligosaccharide analogues 4-MU-GlcNAc, 4-MU-(GlcNAc)2 and 4-MU-(GlcNAc)3. 
The chitinase lyophilised powder and the substrates were diluted in the following buffers 
(100 mM) at corresponding pH: glycine-HCl (pH 3.0), sodium acetate (pH 4.0 and 5.0), 
sodium phosphate (pH 6.0 and 7.0), TrisHCl (pH 8.0), and sodium pyrophosphate (NaPPi, pH 
9.0). The optimum temperature was assayed by incubating the reaction mixture (in 100 mM 
sodium acetate buffer pH 5.0, according to the standard protocol) at various temperatures 
(5 – 70 °C). The relative activity was expressed as a percentage of the highest activity 
recorded. Long-term stability of the enzyme was tested by the standard fluorimetric assay 
after pre-incubating the chitinase at pH 7.0 and at different temperatures (4 and 25 °C) from 
0 to 192 h.  
 
Structural and ultrastructural analysis of the peritrophic membrane 
Isolation of B. mori peritrophic matrix and incubation with T. viride chitinases 
Larvae at the second day of the 5th instar were quickly anesthetised with CO2 before 
dissection. They were cut dorsally and the midgut immediately isolated and severed 
lengthwise to expose the PM with the enclosed intestinal content. The PM was carefully 
extracted and cut longitudinally. The lumen content was removed by repeatedly rinsing the 
PM with PBS (phosphate-buffered saline, 137 mM NaCl, 2.7 mM KCl, 4.3 mM Na2HPO4, 1.4 
mM KH2PO4, pH 7.0). Each PM was cut into four pieces, two of which were used as controls 
(for SEM and TEM analysis) and the other two exposed to T. viride chitinases (for SEM and 
TEM). Samples were transferred to a 24-multiwell plate and incubated for 90 min at room 
temperature in the absence or in presence of increasing concentrations of the T. viride 
chitinase mixture: 0.5 mg/mL, corresponding to 25 and 5 total U for the enzyme diluted at 
pH 5.0 and 7.0, respectively; and 1 mg/mL, corresponding to 50 and 10 total U for the 
chitinase rinsed at pH 5.0 and 7.0, respectively (total U were calculated as sum of the 
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activities recorded on the three fluorigenic substrates 4-MU-GlcNAc, 4-MU-(GlcNAc)2 and 4-
MU-(GlcNAc)3). The samples were then fixed in situ and further processed for SEM and TEM 
analyses. 
Scanning electron microscopy (SEM) 
To obtain three-dimensional imaging by SEM, PMs were fixed with 4% (w/v) glutaraldehyde 
in 0.1 M Na-cacodylate buffer (pH 7.4) for 90 min at room temperature. After washes in Na-
cacodylate buffer, specimens were post-fixed in a solution of 1% (w/v) osmium tetroxide, 
1.25% (w/v) potassium ferrocyanide for 1 h. After dehydration in an increasing series of 
ethanol and a step in hexamethyldisilazane (2 × 5 min), specimens were mounted on 
carbonated stubs, gold coated with a Sputter K250 coater, and then observed with a SEM-
FEG XL-30 microscope (Philips, Eindhoven, The Netherlands). 
Light microscopy (LM) and transmission electron microscopy (TEM) 
For LM and TEM analysis, PMs were fixed with 4% (w/v) glutaraldehyde in 0.1 M Na-
cacodylate buffer (pH 7.4) overnight at 4 °C. Specimens were postfixed in 1% (w/v) osmium 
tetroxide for 1 h, dehydrated in an ethanol series, and embedded in an Epon/Araldite 812 
mixture. Semithin sections were stained with crystal violet and basic fuchsin and observed 
by using an Olympus BH2 microscope (Olympus, Tokyo, Japan). Images were acquired with a 
DS-5M-L1 digital camera system (Nikon, Tokyo, Japan). Thin sections were stained using 
uranyl acetate in methanol (Milloning, 1976) and lead citrate and observed by using a Jeol 
JEM-1010 electron microscope (Jeol, Tokyo, Japan). Images were acquired by an Olympus 
Morada digital camera (Olympus, Münster, Germany). 
 
Permeability measurements 
PMs from B. mori larvae at the second day of 5th instar were isolated as above described. 
The PM was cut into two halves, one used as control and the other exposed to T. viride 
chitinases. For these experiments, PM was laid on a thin cotton gauze. The gauze was 
necessary to maintain the PM extended, thus avoiding its fluttering when mounted in the 
experimental apparatus; additionally, it had a large mesh in order to avoid any restriction to 
the permeation of molecules. The gauze with the dissected PM was then mounted as a flat 
sheet between the two cylindrical plexiglass emichambers of the perfusion apparatus 
(Ussing chamber, World Precision Instruments, Berlin, Germany). Each opposing 
emichamber had a round matching hole with a surface area of 12.6 mm2. Before placing the 
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PM, the margins of the holes were carefully spread with silicone paste (Baysilone Paste, 
Sigma–Aldrich, St Louis, USA) to avoid lesions of the PM and fluid leakage. The 
ectoperitrophic side layered onto the gauze, which, when interposed between the two 
emichambers, separated the ectoperitrophic compartment from the endoperitrophic one. 
Both compartments were filled with 500 µL of PBS and the flux of the methylene blue dye 
(0.5 mg/mL) from the endoperitrophic compartment to the ectoperitrophic one was 
measured in the absence (control) or in the presence of different concentrations of 
chitinase: 0.5 mg/mL or 0.8 mg/mL, corresponding to 5 and 8.4 total U per emichamber, 
respectively (total U were calculated as sum of the activities recorded on the three 
fluorigenic substrates 4-MU-GlcNAc, 4-MU-(GlcNAc)2 and 4-MU-(GlcNAc)3). After 90 min of 
incubation at room temperature the solution in the ectoperitrophic compartment was 
recovered and the amount of methylene blue was determined spectrophotometrically 
(Ultrospec 3000 Pharmacia Biotech, Cambridge, UK) at the wavelength of 664 nm. A 
calibration curve was carried out with known amounts of the dye dissolved in PBS. Flux 
values were expressed as µg/cm2/h, and mean values ± s.e. were compared by Student’s t-
test. 
 
 
Results 
Enzymatic characterisation of the chitinase cocktail from Trichoderma viride 
As indicated by the manufacturer, the commercial chitinase preparation from T. viride is a 
mixture of chitinolytic enzymes purified from the culture broth of the fungus (Rogalski et al., 
1997). The SDS-PAGE analysis revealed the presence of at least four different proteins, with 
molecular mass ranging from 30 to 80 kDa (Figure 1a). The presence of multiple chitin-
degrading enzymes was confirmed also by the zymogram analysis conducted on CM-chitin-
RBV as substrate: four different degradation bands were visible in the gel (Figure 1b). 
The substrate specificity of the diverse enzyme components in the mixture was assayed on 
three different length analogues of natural chitooligosaccharides and on colloidal chitin 
(Table 1). The assays were initially performed at pH 5.0 and 7.0. The chitinase mixture was 
active at both pHs on all the tested substrates, including the complex colloidal chitin. The 
prevalent activity was the β-N-acetyl-glucosaminidase one. The pH effect on the enzyme 
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activities was then investigated in details by the fluorimetric assay in the pH range from 3.0 
to 9.0 (Figure 2a). The optimum pH was 4.0 for the chitobiosidase activity and 5.0 for β-N-
acetyl-glucosaminidase and endochitinase ones. Considerable β-N-acetyl-glucosaminidase 
activity was conserved either at pH 3.0 or at pH 7.0. The temperature influence on the 
chitinase was fluorimetrically assayed in the temperature range from 5.0 to 70.0 °C. The 
optimum was at mesophilic temperatures (between 35 and 40 °C). However, the enzyme 
mixture proved to be active in a wide range of temperatures, retaining between 30 and 50% 
of activity below 25 °C and at 70 °C (Figure 2b). When stored at 4 °C, the enzyme cocktail 
retained more than 93% and 80% activity after 24 and 72 h respectively, and almost 45% of 
the initial overall activity was recorded even after 192 h. Also at 25 °C the enzyme cocktail 
showed appreciable long term stability: 70% activity was maintained for 70 h, and 33% of 
the initial activity was recovered after 192 h incubation (Figure 2c).  
 
Effect of T. viride chitinases on PM structure and morphology 
At light microscopy the PM appeared as a membranous sheath whose thickness did not 
significantly change along its length (Figure 3a). The different layers that form the PM, 
secreted by the epithelial cells, were well recognisable at SEM (Figure 3b). PM surface was 
continuous, with a smooth, felt-like texture, even though at higher magnification surface 
wrinkles were observable (Figure 3c). A limited amount of small pores was visible on the 
surface (Figure 3d). The morphology of both ectoperitrophic and endoperitrophic sides did 
not differ significantly, except for the presence of food debris/residues on the latter.  
TEM analysis showed that the PM had a well-organised and compact structure (Figure 3e). 
Indeed, chitin fibrils were properly aligned and aggregated into compact bundles/layers; 
additionally, electron dense granules with a periodical distribution could be observed 
(Figures 3e and 3f). Occasionally it was possible to observe bacteria entrapped among chitin 
fibrils. (Figure 3f). 
Treatment with T. viride chitinases (at two different concentrations and pHs) significantly 
altered PM structure, as observed at SEM: ruptures and scrapes of the superficial layers 
were frequently visible (Figures 4a and 4b). Moreover, chitinase-exposed PM was 
characterised by a highly porous surface (Figure 4c). Disruptions of the integrity and 
coalescence of the chitin fibril network were distinctive features of these chitinase-treated 
PMs (Figures 4d and 4e). General weakening of the PM structure also led to an increased 
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degree of ruptures due to manipulation of the samples (Figure 4f). The effects on the 
structure and ultrastructure of PM induced by increasing concentrations of chitinases were 
similar, although the PM appeared progressively less robust during manipulation. None 
difference was observed using chitinase cocktail at pH 5.0 or 7.0. 
TEM observations after chitinase treatment evidenced a substantial decrease in PM 
organisation, with separate layers and broken chitin fibrils that formed bundles of fibrils 
(Figures 4g and 4h). Bacteria previously embedded in the PM were now freely disposed in 
the spaces among the PM layers (Figure 4i). 
 
Effect of T. viride chitinases on PM permeability 
To verify if the alterations induced by the T. viride chitinolytic enzymes observed by electron 
microscopy caused an increase of the PM permeability, we determined in vitro the flux of 
methylene blue through PMs isolated from larvae at the second day of the 5th instar. In fact, 
as reported in Fiandra et al. (Fiandra et al., 2009) and confirmed by our experiments, the 
permeability to methylene blue of B. mori PM does not change during the 5th instar, except 
for the few hours following ecdysis, in which a significantly higher permeation is observed. 
Experiments with Ussing chamber were performed with two different chitinase 
concentrations but only at pH 7.0, since (i) previous analysis at SEM and TEM did not show 
significant differences between treatments at pH 5.0 or 7.0, and (ii) the midgut lumen of 
lepidopteran larvae is characterised by neutral pH values. As reported in figure 5, the 
chitinases from T. viride caused an increase of the PM permeability in a dose-dependent 
manner. These results indicate that the alterations in chitin organisation induced by these 
enzymes impair the barrier function of the PM. 
 
 
Discussion 
Chitinases have recently attracted interest for their potential use in a wide range of 
biotechnological applications (Hjort et al., 2014; Dahiya et al., 2006; Duo-Chuan, 2006). 
Chitin-derived compounds are currently employed for medical, pharmaceutical and 
industrial purposes (Howard et al., 2003; Adrangi and Faramarzi, 2013). More recently, 
chitinases have become attractive also as biocontrol agents for plant protection, against 
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both insect pests and fungal pathogens (Howard et al., 2003; De Boer et al., 2001; Fung et 
al., 2002; Liu et al., 2002; Karasuda et al., 2003; Dahiya et al., 2005). For this reason, they are 
favourite candidates for developing IPM strategies based on enzymes that produce 
synergistic effects in different organisms. In this context, fungal chitinases, already employed 
as suppressive agents of fungal phytopathogens and known to attack the insect cuticles, thus 
permitting pathogen penetration and infection, need to be better explored for their action 
to insect gut systems. With the aim to overcome this lack of knowledge, in the present work 
we performed a biochemical characterisation of a commercial mixture of chitinolytic 
enzymes derived from Trichoderma viride and we analysed its effects on the PM of the 
lepidopteron Bombyx mori. T. viride is a filamentous mycoparasitic fungus, already reported 
as a potential biocontrol agent against soil borne plant pathogens and thus worthy to be 
assayed as a control agent against insect pests (Schuster and Schmoll, 2010). In addition, 
mycoparasitic fungi as T. viride are known producers of multiple chitinolytic enzymes with 
different substrate specificity and with a synergistic and complementary effect between 
them (Li, 2006; Rogalski et al., 1997; Omumasaba et al., 2001; Giridhar et al., 2012). The 
commercial product chosen for this study offered the possibility to test an easily-available 
cocktail of chitinolytic enzymes, which exhibit exo- and endochitinase activities, and 
therefore potentially able to strongly affect the PM organisation. The biochemical 
characterisation of the chitinase confirmed that these diverse chitinolytic activities are on 
the whole effective in degrading colloidal chitin and stable over a wide range of 
temperatures and pHs, including those experimental conditions that are compatible with the 
treatment of insect larvae. To impair a complex and insoluble polymer as chitin, the use of 
an enzymatic cocktail is definitively preferable to the pure enzymes, and additionally it 
better suits to environmental changing conditions as those occurring in vivo. The potential 
disadvantage of using an enzyme cocktail consists in the risk of its low reproducibility, which 
can be overcome by implementing a quality control of its composition as done by the 
different assays used in this work. 
In vitro exposure of silkworm PM to fungal chitinases demonstrated that the matrix was 
considerably affected by these enzymes as peeling of the superficial layers and ruptures due 
to a general weakening of the matrix were observable. These effects were substantiated by 
the measurements of methylene blue fluxes through the isolated PM in Ussing chamber. The 
chitinolytic enzymes caused a significant increase of the permeability to methylene blue, 
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especially at the highest tested dose. These results are similar to those achieved in previous 
works in which the effects of viral, bacterial and insect chitinases on the PM of 
Lepidoptera/pests were tested. In particular, the most detailed study of chitinases on PM 
was performed on ChiA from the Autographa californica multicapsid nucleopolyhedrovirus 
(AcMNPV) (Rao et al., 2004; Corrado et al.; 2008, Fiandra et al.; 2010, Di Maro et al.; 2010). 
The protein has been heterologously expressed and purified in E. coli (Rao et al., 2004) and 
in Nicotiana tabacum (Corrado et al., 2008; Di Maro et al., 2010). Its hydrolytic activity was 
confirmed in vitro by treatment of the silkworm B. mori (Rao et al. 2004; Corrado et al., 
2008) and of the tobacco budworm H. virescens (Di Maro et al., 2010) PM. Additionally, its in 
vivo insecticidal activity was proved by feeding B. mori and H. virescens larvae respectively 
with an artificial diet supplemented with the purified chitinase (Rao et al., 2004; Corrado et 
al., 2008) or directly with the transgenic tobacco leaves (Corrado et al., 2008; Fiandra et al., 
2010). Also bacterial chitinases, from the Gram-positive Bacillus sp. (Thamthiankul et al., 
2004) and Kurthia zopfii (Otsu et al., 2003), as well as from the Gram-negative Serratia spp. 
(Edwards and Jacobs-Loren, 2000; Regev et al., 1996, Huber et al., 1991), demonstrated a 
clear effect on PMs of different insect pests. Additionally, a chitinase purified from B. mori 
caused high mortality in adults of the coleopterum Monochamus alternatus after oral 
ingestion (Kabir et al., 2006).  
Due to the encouraging results achieved by using a characterised fungal chitinase mixture on 
an easy-to-handle insect model system such as Bombyx mori, our future investigations will 
be oriented into two directions. Firstly, we would like to extend such type of approach to 
other insect species of high economic importance as insect pests that reduce crop 
production or destroy stored food grains. Secondly, we might continue testing and 
characterising other fungal chitinases. Our work clearly demonstrates that although the T. 
viride chitinase mixture is more active at acid pH (5.0), the activity retained at pH 7.0 is 
sufficient to induce marked in vitro alteration in the PM. Most of the known fungal 
chitinases, with molecular masses ranging from 20 to 190 kDa, have similar pH and 
temperature profiles, being usually more active in the pH interval 4.0-7.0 and temperature 
range 20-40 °C (Li, 2006; Seidl, 2008). Some of them, despite having an optimum at acid or 
neutral pH, retain their hydrolytic activity also in alkaline environments (Kopparapu et al., 
2012). Additionally, Li and co-workers (Li et al., 2010) reported about a chitinase from the 
fungus Thermoascus aurantiacus var. levisporus that has an optimum pH of activity between 
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8.0 and 10.0. Concluding, it may be worthy to expand our studies on other fungal chitinases 
from already isolated fungi or searching into metagenomes (Hjort et al, 2014), with the final 
goal to develop an enzyme-based IPM approach: this means that the selected enzymes 
should be concomitantly employed in field for attacking external and internal layers of 
insects and degrading fungal cell walls.  
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Figure legends 
 
Figure 1. Panel a: SDS-PAGE analysis of the chitinase cocktail from T. viride. LMW: molecular 
weight markers (GE-Healthcare Sciences, Little Chalfont, UK). Panel b: zymogram analysis of 
the chitinase with CM-chitin-RBV as substrate. Proteins are indicated by arrows. 
 
Figure 2. Panels a and b: enzyme properties of the T. viride chitinase mixture, using 4-MU-
(GlcNAc) (), 4-MU-(GlcNAc)2 (●) and 4-MU-(GlcNAc)3 (▲) as substrates. Panel a: pH profile. 
Buffer employed (final concentration 100 mM) were glycine-HCl (pH 3.0), sodium acetate 
(pH 4.0 and 5.0), sodium phosphate (pH 6.0 and 7.0), TrisHCl (pH 8.0) and sodium 
pyrophosphate (pH 9.0). Panel b: temperature profile. Assays were performed in 100 mM 
sodium acetate buffer pH 5.0. Panel c: long-term stability of T. viride chitinase preparation; 
residual activities are expressed as sum of the single chitinolytic activities measured on the 
three fluorimetric substrates. The enzymes were incubated in PBS pH 7.0 at 4 °C (, solid 
line) or 25 °C (, dashed line) for several days. For each graph, the values represent the 
means of three independent experiments (mean ± standard deviation) and enzymatic 
activities are expressed as relative to the maximal activity recorded. 
 
Figure 3. Morphology of control peritrophic matrix. Semi-thin cross section (a), SEM (b-d), 
TEM (e, f). The peritrophic matrix appears as a thin structure that lines the midgut 
epithelium (a). It is formed by a series of overlaid layers (b) that generally have a smooth 
appearance although, at higher magnification, wrinkles can be observed (c). In untreated 
larvae, some small pores are visible on PM surface (d). Ultrastructural analysis evidences the 
compact organisation of the chitin fibrils in the PM (e, f), which are linked by electron-dense 
structures (f). Bacteria are embedded among the PM layers (f). 
Bars: 30 μm (a), 10 μm (b), 2 μm (c), 1 μm (d, e), 500 nm (f) 
 
Figure 4. Morphology of peritrophic matrix treated with T. viride chitinases. SEM (a-f), TEM 
(g-i). PM treated with chitinases shows ruptures (a) and peeling (b) of the superficial layers. 
The number of pores increases significantly (c). The integrity of fibril network is 
compromised (d) and coalescence of fibrils occurs (d, e). The alteration of the PM structure 
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leads to a general weakening of the matrix, with consequent breakages probably due to 
manipulation (f). Ultrastructural analysis confirms a general collapse of the PM structure and 
a massive alteration in the organisation of the chitin fibrils (g-i).  
Bars: 200 μm (a), 10 μm (b, f), 2 μm (c, e), 5 μm (d), 1 μm (g), 500 nm (h, i) 
 
Figure 5. Flux of 0.5 mg/mL methylene blue across the PM isolated from B. mori larvae at the 
second or third day of the 5th instar, in the absence (control) or in the presence of different 
amounts of chitinases. Chitinolytic activity is expressed as the sum of the activities recorded 
on the three fluorigenic substrates 4-MU-GlcNAc, 4-MU-(GlcNAc)2 and 4-MU-(GlcNAc)3. Bars 
represent mean values ± standard deviation of at least four replicates. * P < 0.01, ** P < 
0.001 vs control, Student’s t test.  
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Figure 5 
 
 
 
 
Tables 
 
Table 1. T. viride chitinase activity on different substrates (mean ± standard deviation from 
at least three independent experiments). 
 
Substrate Type of activity detected 
Specific activity (U/mg) 
pH 5.0 pH 7.0 
4-MU-GlcNAc β-N-acetyl-glucosaminidase 35.87 ± 0.01 16.21 ± 0.04 
4-MU-(GlcNAc)2 Chitobiosidase 18.08 ± 0.03 2.35 ± 0.17 
4-MU-(GlcNAc)3 Endochitinase 12.14 ± 0.09 2.00 ±0.06 
Colloidal chitin  5.87 ± 0.16 2.48 ± 0.09 
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My PhD has been accomplished in the frame of the FP7 European project MetaExplore, 
whose goal was the development of metagenomic tools and techniques for the identification 
of novel enzymes involved in the biodegradation of recalcitrant natural polymers, like chitins 
and lignins. The driving force of this project was the need from European industries of new 
biocatalysts endowed with innovative features and enhanced activities, to be employed in a 
vast range of industrial and agricultural processes. Nowadays, biocatalysis accounts for a 
large part of the chemical industry, but its contribution is foreseen to exponentially increase 
in the next years, as a central feature of the sustainable economic future of industrialised 
societies [1]. Microorganisms, the oldest form of life, able to live not only in nutrient-rich 
environments but also in the less-hospital habitats, encompass by far the largest resource of 
metabolic and genetic diversity encountered on Earth [2]. Unfortunately, since a major part 
of the microbiota in natural ecosystems (up to 99 – 99.9%) is unculturable by traditional 
microbiological methods, this unparalleled biodiversity risks to remain encrypted and 
underexploited [2, 3]. This prompted the development of culture-independent techniques, 
among which metagenomics is currently though to be the most promising one. Since their 
introduction, in fact, metagenomic approaches allowed the discovery and characterisation of 
a significant number of novel biocatalysts or molecules with high potential for use in 
pharmaceutical products or production processes. It is moreover conceivable that 
metagenomics, together with protein engineering and in vitro evolution technologies, might 
be employed to find suitable natural enzymes that can serve as backbone to produce ideal 
biocatalysts, i.e. improved tailored enzymes that optimally fit specific process requirements 
[1].  
At the beginning of the MetaExplore project (in May 2009) the premise of metagenomics as 
a source of new technology was not fully realised, primarily because of challenges in 
screening and producing the desired enzymatic activities. Indeed, at that date bacterial 
chitinases, which represent the core of this PhD dissertation, had been identified almost 
exclusively by conventional molecular or functional screening approaches. Only a couple of 
studies had focused on culture-independent screening of chitinolytic enzymes from bacterial 
isolates, but none of them had resulted in an in-depth characterisation of these new 
biocatalysts. In 1999, Cottrell and co-workers [4] screened libraries from coastal and 
estuarine waters with 4-MU-(GlcNAc)2 as substrate and identified eleven putative clones, 
whose corresponding enzymes were classified by zymogram analysis and activity assays. The 
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first example of metagenomic library screened through a sequence-based approach, on the 
contrary, dated back to 2004 [5]: PCR screening of clone libraries from ten aquatic 
environments, with a degenerate primer set for family 18 chitinases, led to the identification 
of several chitinase genes, all new if compared to the previously identified sequences. 
Finally, in 2006 the development of IAN-PCR (inverse affinity nested PCR) for metagenome 
walking allowed the successful fishing of complete family 18 genes from groundwater 
metagenome [6].  
During the five years of the MetaExplore project, a few more papers have been published, 
concerning the application of metagenome and metagenome-like approaches for the 
discovery of new chitinolytic enzymes in different environments. Most of them, however, 
report exclusively on the identification of putative chitinase sequences, without conducting 
further experiments to characterise them. A partial characterisation of library-sourced 
chitinolytic enzymes is present only in [7] and [8]. In the first paper, a metagenome-like 
library was constructed using DNA extracted from a cell mixture of pure-cultured chitinolytic 
bacteria, followed by functional-based screening and heterologous expression of the most 
promising gene, chi22718_II. Activity assays, performed directly on the crude enzyme 
solution, revealed that Chi22718_III is a thermolabile chitinase, a typical characteristic of 
cold-active enzymes [7]. On the other hand, the recent paper of Stöveken and co-workers 
describes the metagenomic analysis of chitin-enriched soil samples, which led to the 
identification of several putative genes for chitin and chitosan modifying enzymes, including 
the full-length chitinase gene chiA01. The sequence was codon-optimised, the protein 
heterologously expressed in E. coli and its activity confirmed by glycol chitin dot assay [8]. 
Nevertheless, the two chitinases described in the first section of the present thesis, Chi18H8 
and 53D1, represent the real first two examples of chitinolytic enzymes identified by 
metagenome library screening, expressed and fully characterised. The two chitinases show 
47% amino acid sequence identity between each other and less than 50% similarity with any 
other known chitinase. Chi18H8 and 53D1 display some common features, for instance the 
prevalent chitobiosidase activity and the higher stability at acid pH and mesophilic 
temperatures. This could be easily explained taking into account that the two enzymes 
belong to the same group (family 18 of glycosyl hydrolases) and both have been identified in 
metagenomic libraries of sub-acidic temperate soils. Nonetheless, the two chitinases possess 
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also peculiar characteristics, which differentiate one from the other and, more importantly, 
from other already characterised chitinolytic enzymes.  
The first chitinase, Chi18H8, revealed a remarkable antagonistic activity against common 
plant phytopathogens, thus representing an environmental-friendly alternative to synthetic 
fungicides [9]. Nowadays diseases of plants caused by fungal pathogens globally contribute 
to extensive loss of crops important for food and energy production, an effect that is 
increased by the norm of monoculture practise [10]. Microbiological control of fungal 
diseases, by employing bacteria with antifungal action or enzymatic formulations possessing 
antiphytopathogenic activities, represents the only sustainable solution for limiting the use 
of toxic chemicals. Biotechnologically relevant is also Chi18H8 high solvent-tolerance. If one 
considers that time-consuming immobilisation, mutagenesis and protein engineering 
procedures often need to be applied to increase enzymatic activity and stability in organic 
solvents, the intrinsic solvent-tolerance of Chi18H8 can represent a key factor and a great 
advantage for its exploitation in non-aqueous enzymology [11].  
On the contrary, the most interesting feature of 53D1 is its remarkable stability and activity 
in the presence of high salt concentrations. This, combined with its activity also on the 
complex substrate colloidal chitin, suggested a possible application of this biocatalyst in the 
downstream processing of exoskeletal waste (the carapace) in the industrialisation of 
foodstuff. Nowadays, chitin extraction and derivatisation are usually exerted by harsh 
treatments with acids and high temperatures. The employment of chitinolytic enzymes can 
therefore represent a sustainable alternative to these traditional chemical treatments; it can 
help in solving the environmental and economic problem connected to the high amount of 
recalcitrant marine wastes generated annually by food industries and, meanwhile, in 
producing from these waste materials value-added compounds (chitosan, glucosamines and 
chitooligosaccharides) with high pharmaceutical and nutritional potential. It has been 
estimated, for example, that by 2015 the market for chitin and chitooligosaccharides will 
reach up to 63 billion US$, while that for chitosan up to 21 billion US$ [12]. It is therefore 
easy to understand why industries are interested in developing cheap, efficient and 
ecological processes for the treatment of such recalcitrant polymers.  
Before Chi18H8 and 53D1 could be actually used for in-field applications, additional 
experiments need to be done; it is moreover relevant to develop reproducible and robust 
process to produce these proteins and sustain their development. Anyhow, the work 
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accomplished in these three years clearly demonstrates the great potential of metagenomics 
for the identification of novel valuable biocatalysts. Metagenomic approaches are still in 
development but have the high potential to substantially impact industrial production.  
 
The potential application of chitinolytic enzymes as biocontrol agents has been investigated 
and demonstrated not only against phytopathogen fungi, but also in respect to insect pests. 
In the third section of the present dissertation, the commercial mixture of chitinases from 
Trichoderma viride proved to be effective in altering in vitro the structure and the 
permeability of the peritrophic membrane of the model lepidopteron Bombyx mori. Control 
of insect pests by the application of enzymes holds great promise as an alternative to the use 
of chemical pesticides. It is, in fact, generally recognised that biological control agents are 
safer and more environmentally sound than is reliance on the use of high volumes of 
chemical pesticides, which, moreover, may be lethal to beneficial insects and 
microorganisms populating the soil, and may enter the food chain. Additionally, enzyme 
formulations can represent an advantage even to the use of entire microorganisms, since 
living organisms are less verifiable and can show short shelf lives or inconsistent 
performances in field [10].  
The fungal chitinases herein tested represent promising candidates for integrated pest 
management. Interesting could be verifying their effect in vivo, even in combination with 
other bioactive peptides and lytic enzymes, as found in natural systems, as well as 
confirming their activity also on pest Lepidoptera. Anyway, the preliminary work done 
confirms that biotechnology, alone or in conjunction with conventional breeding programs, 
can make significant contributions to sustainable agriculture.  
 
Finally, the work performed during my PhD had shed light on the use of E. coli and 
streptomycetes as expression platforms for the production of recombinant enzymes. It is 
impossible to unconditionally claim which microorganism is the best expression system, both 
having peculiar advantages and disadvantages. E. coli continues to dominate the bacterial 
expression systems and remains the first choice for laboratory investigations and initial 
development in commercial activities. The unparalleled fast growth on cheap substrates and 
the availability of extensive genetic toolkits are the major factors supporting E. coli 
employment as heterologous host [13]. However, as demonstrated for both Chi18H8 and 
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53D1 chitinases, recombinant protein expression in this host often results in enzyme 
accumulation into inclusion bodies, from which protein recovery is not always effective. 
Indeed, the process for the identification of a suitable protocol for Chi18H8 solubilisation 
was strenuous and time-consuming. Nevertheless, now that it has been defined, high 
amount of recombinant protein could be potentially produced in a fast, reproducible and 
economically feasible way. On the other hand, extracellular production of proteins is highly 
desirable as it could reduce the complexity of downstream processes and possibly improve 
product quality. In this respect, the use of streptomycetes constitutes a great advantage on 
E. coli, where protein secretion into the culture broth or even to the periplasmic space is 
rare. Expression of VanYn in S. venezuelae ATCC 10595 greatly improved the production yield 
if compared with the previous expression of this D,D-peptidase/D,D-carboxypeptidase in E. 
coli. For Chi18H8, S. lividans TK24 represented a promising system thanks to the chitinase 
secretion into culture broth that makes its purification procedure much easier; actually it 
cannot be considered competitive in production yield if compared with E. coli and further 
trials should be done for optimising the codon usage of the gene sequence and the signal 
peptide. Concluding, both E. coli and Streptomyces spp. proved to be valuable and powerful 
expression platforms. Even if a general rule for heterologous protein production does not 
exist and the procedures must be tailored to each single protein, the achieved results and 
the methods developed in these three years for both microorganisms, can be eventually 
applied and used for the heterologous expression of other enzymes (metagenome-sourced 
and not). 
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